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ABSTRACT 

 

 High performance liquid chromatography (HPLC) is a fundamental 

methodology for the characterization and purification of macromolecules.  Since 

its development in the 1970’s, HPLC has significantly advanced its 

instrumentation and column technology to become a powerful analytical 

technique.  A considerable amount of research focuses on advancements to the 

stationary phase, or solid support, on which molecules interact and separate.  To 

overcome limitations of other phases that lead to poor mass transfer, slow 

speeds, and low efficiency, nonporous and superficially porous phases have 

been developed.  Specifically, fiber based polymer stationary phases show great 

promise as stationary phases for protein separations.  

 The Marcus laboratory has investigated capillary-channeled polymer (C-

CP) fibers as an HPLC stationary phase for the past decade.  These novel 

shaped fibers have advantageous attributes including increased surface area 

over cylindrical cross section fibers, low cost, rapid mass transfer, and the ability 

to operate at high linear velocities without high pressure.  The fibers are available 

in several base which allow for a wide variety of chemical interactions.  What’s 

more, surface modifications can allow for a broader range of chemical specificity.  

Therefore, the focus of this work is on adsorption-based surface modification of 

C-CP fibers.   
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 First, modification with recombinant protein A ligand allowed for the 

capture and recovery of immunoglobulin G (IgG) antibody.  This small scale 

study evaluated maximum protein A ligand density, the stability of the 

modification, and demonstrated the selective capture of IgG from a mixture with 

myoglobin (as a surrogate host cell protein) with minimal non-specific binding 

through the use of a sodium citrate (pH 4) wash buffer.  IgG was recovered with 

high yield with a 0.1 M acetic acid elution buffer.  The second modification 

involves the adsorption of head-group functionalized poly(ethylene glycol) lipids 

(PEG-lipids), where the lipid tail strongly adsorbs to the polypropylene surface 

and the hydrophilic PEG group extends away from the surface allowing for the 

functional ligand to interact with the analyte of interest.  This modification was 

first evaluated as an initial proof-of-concept study, where biotin-PEG-lipid 

modified PP C-CP fibers were able to selectively capture streptavidin from a 

complex mixture that also contained a green fluorescent protein.  Non-specific 

binding was minimized through the use of a 0.1 % PBS-Tween buffer.  Next, a 

more in-depth study of surface loading characteristics determined maximum 

binding capacity when using FITC-PEG-lipid to modify the fibers.  This modified 

surface was also exposed to several test solvents to reveal a highly robust 

surface modification.  Finally, the mechanism of interaction between the lipid and 

the polypropylene was determined through modification with an environmentally 

sensitive probe, NBD.  Fibers were modified with lipids containing an NBD group 

attached to either the head group or the fatty acid tail.  Fluorescence imaging 
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revealed that the lipid tail intercalates into the PP structure to yield an efficient, 

robust surface modification.  Overall, modifications of the polypropylene fiber 

surface show promise in increasing the efficiency of affinity separations.   
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CHAPTER ONE 

INTRODUCTION 

 

Introduction to Liquid Chromatography 

 Chromatography can be defined as a dynamic method of separation 

where the components of a mixture are separated due to their interactions 

between two phases, a solid phase (i.e. stationary phase) and a phase that 

moves relative to the stationary phase (i.e. mobile phase) [1,2].  When the mobile 

phase is a liquid, this process is termed liquid chromatography (LC).  Russian 

researcher Mikhail Tswett developed the method of chromatography in the early 

1900’s as a way to separate the pigment compounds in leaf extracts. His sample, 

dissolved in a solvent, was placed at the top of an open glass column filled with 

particles (stationary phase).  As more solvent (mobile phase) was added to the 

column, the sample passed down the column due to gravity.  The pigments 

adsorbed to the stationary phase and instead of washing away, some retained 

strongly, while others that were retained weakly moved farther down the column. 

The sample components began to separate based on their chemical attraction to 

the particle stationary phase. Eventually, the components separated into 

individual bands, with each visible as a different color. Based on this discovery, 

Tswett used the term chromatography (Greek for “color writing”) to describe the 

method [1,3]. 



 2 

 While there are several different LC methods, it is most powerful when a 

column is used. In Tswett’s early experiments, a glass column was used with 

gravity flow as the mechanism for fluid movement. In columns that are not meant 

to withstand high pressures, gravity or vacuum are the primary modes used to 

achieve fluid flow. However, with the development of smaller particles sizes, 

which improved separations, high pressures were necessary to create fluid flow.  

Thus, solvent pumps and columns were developed to withstand this increase in 

pressure [4].  In 1970, this variation of LC was termed high pressure liquid 

chromatography (HPLC) to explain chromatography using columns/stationary 

phases that generated 500 – 6000 psi of pressure. Throughout the 70’s, as LC 

instrumentation and columns advanced and significant progress was made in 

chromatography of biomolecules, it was noted that “high pressure” was not 

always relevant, and so the technique became “high performance liquid 

chromatography” [4]. HPLC has grown into a multi-billion dollar industry; a 

necessary tool for the characterization, discovery, and manufacture of 

biomolecules used in research and development for biotechnology and 

pharmaceutical companies.  The advances in HPLC over more traditional 

techniques have led to many advantages including speed, resolution, sensitivity, 

accuracy, and automation, among others.  However, limitations including cost 

and complexity, and applications requiring better resolution and higher 

throughput, make HPLC a continuously developing field [4].     
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 There are three major components of a chromatographic system that can 

be manipulated to improve separation performance; the mobile phase, the 

stationary phase, and the fluidics instrumentation.  HPLC instrumentation 

involves a mobile phase passing through a solvent pump, an injection valve able 

to introduce the sample into the mobile phase with little-to-no disturbance of flow, 

and a detector.  Advancements to instrumentation includes faster and more 

controlled flow and gradient rates, enhanced detector sensitivity, ease of use, 

automation, and overall higher throughput with new technologies [1,4]. The 

mobile phase can be manipulated in terms of liquid composition (additives, pH), 

flow velocity, and gradient composition and rate to improve the separation 

performance.  Mobile phase and fluid flow parameters are optimized individually 

based on the sample and column, as the migration of analytes and their 

propensity for interaction with the stationary phase is dependent on these 

parameters.  Probably the most important of the three major chromatographic 

system components is the stationary phase, which dictates the mechanism of 

retention and separation, and has been called “the heart of an HPLC” [4].  

Physical column design is also important, as column length, column diameter, 

and column hardware (type of tubing and end fitting) can maximize resolution 

while minimizing analysis time, thus enhancing the quality of a separation [3].  

But, the physical and chemical characteristics of a stationary phase are what 

ultimately determine column efficiency.  For this reason, solid/stationary phases 
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will be discussed in depth later in this chapter.  First, it is necessary to discuss 

the theoretical considerations of what is happening in a column during HPLC.        

 

Separation Theory 

 As the separation of the components of a mixture is the goal of 

chromatography, resolution, or the amount of separation between two peaks, is 

an important factor.  Resolution (RS) is determined from the ratio of the distance 

between the peaks and their peak widths [4], defined quantitatively as: 

 

𝑅𝑆 =
2∆𝑡𝑟

𝑤1+𝑤2
   Eq. 1.1 

 

where ∆𝑡𝑟 is the distance between two peaks in terms of retention time (tr) and w 

is peak width. Resolution is a combination of the retention, selectivity, and 

efficiency of a column.  Retention of an analyte on a column is indicative of how 

strongly it is attracted to the stationary phase over the mobile phase. The 

capacity factor (k) is the measurement of the extent that an analyte is interacting 

with the stationary phase [4]. This is related to the partition coefficient (K), of the 

analyte between the stationary phase and mobile phase, according to equation 

1.2:  

 

𝑘 = 𝐾
𝑉𝑆

𝑉𝑀
   Eq. 1.2 
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where VS and VM are the relative volumes of the stationary phase and the mobile 

phase at equilibrium.  In other words, how long an analyte spends in the 

stationary phase, versus how long it spends in the mobile phase.  Selectivity is 

the relative retention of analytes in a mixture, and is defined as the ratio of the 

capacity factors between two analytes [4], Equation 1.3: 

 

𝛼 =
𝑘2

𝑘1
   Eq. 1.3  

 

Selectivity is the basis for how well a stationary phase can distinguish between 

the components of a mixture.  The more selective a stationary phase is, the 

better the separation will be due to an increase in resolution.  Selectivity can be 

increased by changes in the physical and chemical structure of the stationary 

phase and the mobile phase.  Selectivity is the most important parameter for 

successful chromatographic separations.   

Another way to improve the resolution of a separation is by increasing 

efficiency.  Here, efficiency is based on the dispersion of a single band of 

analyte, i.e. the peak width (w).  To increase column efficiency, the broadening of 

a peak should be minimized in order to maximize the number of theoretical plates 

contained in a column.  A theoretical plate (N) is a term given to describe 

individual segments of equal length that make up the total column length.  This is 
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determined experimentally for a given peak using retention time and peak width 

at the base of the peak [5], shown in Equation 1.4:    

 

𝑁 = 16 (
𝑡𝑟

𝑤
)
2
  Eq. 1.4 

 

A column of length L will have a height equivalent to a theoretical plate (HETP, 

H).  In Equation 1.5 it’s shown that an efficient column will have a large N value 

and small HETP, as a higher number of theoretical plates gives a narrower peak 

width and yields better resolution [4]. 

 

𝐻 =
𝐿

𝑁
   Eq. 1.5 

 

 The theory described above assumes that there is an equilibrium at each 

plate segment, but as this is not always true, a new equation was developed to 

account for the variety of parameters (rate of elution, diffusion of the analyte, 

paths for fluid flow, rate at which the solute equilibrates between stationary and 

mobile phases) that contribute to band broadening as fluid moves through a 

column.  Plate height (H) is defined in Eq. 1.6 by the van Deemter equation [4,5]: 

 

𝐻 = 𝐴 +
𝐵

𝑢
+ 𝐶𝑢  Eq. 1.6 
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where 𝑢 is the linear flow velocity and A, B, and C terms are constants that 

account for band spreading.  Figure 1.1 shows a plot  of each individual term in 

the van Deemter equation, demonstrating how each term independently affects 

plate height as a function of linear velocity, and how the three terms combine to 

form a van Deemter plot.  The “A” term accounts for variation in the flow path that 

the analyte molecules travel.  As shown in Fig. 1.1 the “A” term is independent of 

flow and is only a function of the particle size or channels in the packed bed.  

This term is minimized when there is uniform packing of a stationary phase.  

Figure 1.1 The three individual terms that contribute to band broadening due to a change in plate 

height (H) as a function of linear velocity [3] and the resulting van Deemter plot (- - -) showing 

the combination of the terms. 
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If there are inconsistencies in the packed bed both sample and solvent will move 

at different rates through the column due to increases in eddy diffusion (unequal 

flow patterns) and changes in laminar flow (flow retardation at the support wall). 

The “B” term is inversely proportional to linear velocity and describes how analyte 

molecules diffuse in the longitudinal (or axial) direction, in the bulk flow.  As this 

type of diffusion increases with time, it contributes significantly more at low linear 

velocities.  At higher linear velocities, molecules take less time to diffuse axially in 

the column and the contribution of the “B” term to plate height is significantly 

decreased.  Finally, the “C” term takes into account the interaction kinetics 

between the stationary phase and mobile phase (i.e. mass transfer) in three 

ways: transfer of the molecules from the mobile phase to the stationary phase, 

adsorption/desorption of the molecule with the stationary phase, and how the 

molecule transfers from the stagnant mobile phase in a pore to the surface of the 

stationary phase.  Obviously, the “C” term is complex and contributes the most to 

an increase in plate height, and thus band broadening, as flow velocity (𝑢) 

increases.  Development of improved support/stationary phases for HPLC that 

allow for a decrease in all three of these terms is highly desirable [4,5].  

 

Stationary Phases in Liquid Chromatography 

As stated above, the physical and chemical properties of a stationary phase 

affect many components of separations in HPLC including mass transfer rate, 

selectivity, and resolution.  The stationary phase parameters that can be 
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optimized include particle size and shape, pore size and porosity, specific 

surface area, packing density, as well as the chemical characteristics including 

functional group density [3].  The traditional chromatography supports are silica 

and polymeric beads, with increasingly smaller sizes allowing for better 

separation efficiency.  Silica is widely used due to high mechanical stability (can 

withstand high pressures), high control of size and porosity when synthesized, 

and the ease at which the particle surface can be derivitized.  Yet, silica suffers 

many major disadvantages that include low chemical stability, a limited working 

pH range, and potential interactions between surface silanol groups and the 

analyte of interest.  Polymer-based stationary phases, on the other hand, are 

chemically robust, durable, and remain stable over a wide pH range [3].  

Polymer-based supports are not as commonly used as silica, however, due to 

several drawbacks.  Polymeric packings are not as mechanically strong as silica, 

they absorb liquid easily and thus swell and shrink depending on the mobile 

phase used, and they have been found to be less efficient when compared to 

silica for small molecule separations [3].  However, for biomolecule separations, 

lower efficiency is not observed and their mechanical strength is suitable for the 

relatively low flow velocities used.  For these reasons, polymeric phases with the 

advantages of silica, but with high stability and robustness, have been 

continuously researched and developed as HPLC stationary phases for protein 

separations [6,7]. 
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 As this dissertation is focused on protein separations, focus is placed on 

polymer-based stationary phases.  Polymer packing materials include textiles 

[8,9], beads [10-12], and monoliths [13-16].  While textiles (or fibrous stationary 

phases) have not gained significant interest in the past, there is a clear rationale 

to why they make excellent stationary phases for macromolecule separations [6].  

Polymer-based fiber stationary phases were first reported on for LC application 

by Kirby and Cates in 1983 [17], which looked at the separation of dye molecules 

on small segments of polyester (PET) fibers (staple phases) packed into a glass 

gravity column.  Through this work, they were able to better understand how the 

structural (crystallinity) and physical properties of PET fibers affected dye 

adsorption, diffusion into the pore structure, and thus the separation process.  

Around the same time, it was also shown that whole (woven) textiles exhibited 

differing properties from staple fibers when packed into a column.  Ladisch and 

coworkers [8,9,18-20] demonstrated the benefits of rolled fabrics for use in LC 

protein separations.  Due to the continuous nature of the packed bed, high mass 

transfer rates and low backpressure were noted, with the separation chemistry 

based on the type of polymer textile chosen or the type of derivatization 

performed.  The concept of aligned fibers, running in parallel down the length of a 

column was proposed by Kiso and coworkers in 1986 [21], who used cellulose 

acetate fibers packed in a fused silica capillary column.  In this case, the space 

between the fibers forms an open capillary for fluid flow.  Due to this channel 

structure, very low pressure drops were observed.   
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In an effort to expand upon the advantages of aligned fiber stationary 

phases, capillary-channeled polymer (C-CP) fibers have been extensively 

studied in the Marcus laboratory for HPLC [22-25] and solid phase extraction 

(SPE) [26,27] applications.  C-CP fibers are melt-extruded from polypropylene 

(PP), polyamide (nylon 6), and poly(ethylene terephthalate) (polyester, PET) 

forming fibers with nominal diameters ~ 40 µm.  These fibers are intriguing due to 

the eight capillary channels that run axially along the entire length of the fiber.  

When packed into a column the channels interdigitate, allowing for high packing 

densities as well as efficient use of space.  This packing creates 1-5 µm open 

capillary channels that provide high surface area (compared to circular cross-

section fibers of the same nominal diameter) needed for optimal interactions [28].  

In terms of van Deemter “A-term” broadening, differing flow paths (eddy diffusion) 

in PP C-CP fiber columns have been found to be the dominant contributor to the 

HETP [24].   The capillary channels benefit fluid transport due to an inherent 

wicking of fluid along the length of the fiber, leading to operating backpressures < 

2000 psi.  The fibers have been found to have a limited porosity (~ 4 nm) on the 

size of proteins [29], and thus high velocities do not affect van Deemter “C-term” 

broadening due to a practically nonporous surface.  In other words, mass transfer 

from the mobile phase to the surface of C-CP fibers is rapid due to a lack of 

molecular diffusion into and out of pores.  It is important to note that the specific 

surface area for C-CP fibers tend to be 1-5 m2/g, which is less than that of porous 

silica phases.  For this reason, C-CP fiber stationary phases have shown 
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  40 µm 10 µm 

relatively poor performance in the separation of small molecules [30,31].  

Instead, C-CP fiber use is geared towards macromolecule separations due to a 

lack of mass transfer limitations that allows for separations at high linear 

velocities (> 100 mm s-1) and fast gradient rates with very high recovery and 

efficiency [23,32,33].  C-CP fibers are also very low cost and stable over a wide 

range of solvent and pH conditions.  Cross-sectional micrographs of a single C-

CP fiber and a packed column are shown below in Fig. 1.2. 

 

Figure 1.2 Micrographs of a single PP C-CP fiber (left) and of a PP C-CP fiber packed column 
(right). 

 

Protein Separations 

 Understanding the role of proteins in cellular processes, drug discovery 

and development, biotechnology, and various others areas of life science, lies in 

the characterization of proteins.  Proteomics, or the study of proteins and their 

biological functions, allows for the identification of disease biomarkers and 
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generates vital information.  Due to the proteomes degree of complexity, 

advanced techniques to study and better understand proteins are continuously 

being developed [34].  As such, methods of protein purification have been 

continuously improving to allow for protein purification from a complex mixture in 

very few steps.  Beyond proteomics research, drugs based on monoclonal 

antibodies (mAbs) and related proteins are becoming ever more prominent due 

to their therapeutic capabilities and contribution to the biopharmaceutical market.  

For example, the mAb market value is expected to reach 70 billion dollars by 

2015 [35,36].  Currently, downstream processing, or purification of mAbs from 

the cell culture broths they were expressed in, is the bottleneck of this industry.  

While many separation/purification techniques exist, HPLC is an attractive 

method, and the most commonly used, due to high speed, resolution, and 

general efficiency.  The goal here is to purify a large batch of product in the 

smallest amount of time and while keeping costs low.  There are several different 

modes of chromatographic separation that can be used for proteins including 

reversed-phase (RP), ion-exchange (IEC), hydrophobic interaction (HIC), size 

exclusion (SEC), and affinity chromatography (AC) [4,5,37].  As purification is of 

the utmost importance, several different modes of chromatography are often 

performed in sequence.  While affinity chromatography has the ability to capture 

large amounts of the desired analyte with high selectivity and low nonspecific 

binding, affinity adsorbents are often expensive and thus used in smaller 

columns where repeat injections of sample are necessary to purify a large batch 
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[37].  IEC is commonly used as a first step to generate high resolution 

separations with high protein binding capacity.  Compared to affinity stationary 

phases, IEC media is much more affordable and thus is used in larger columns 

that can handle larger volumes [37].  IEC and AC are the two modes of 

chromatography focused on in this dissertation. 

Ion-exchange chromatography occurs due to the electrostatic attraction 

between proteins in the mobile phase and charged groups fixed on the stationary 

phase (or ion exchanger) [5,37].  The strength of the interaction (and thus, the 

quality of the separation) is based on the charge of the proteins and the ion 

exchanger and competition from other ions.  When the stationary phase has 

cationic charged groups, it is called anion-exchange chromatography (AEC), and 

when the stationary phase has anionic charged groups, it is called cation-

exchange chromatography (CEC).  It is also possible for a surface to contain 

both negative and position charges, resulting in a zwitterionic surface.  For 

proteins, net ionic charge is a function of pH and thus the pH of the mobile phase 

is used to influence retention  and selectivity of the stationary phase.  Ion 

exchangers are classified as either strong or weak and chosen based on the 

operating pH and the amount of selectivity required.  Protein elution is based on 

pH or ionic strength gradients; as the number of competing ions in solution 

increases, proteins will begin eluting based on how strong their initial interaction 

with the stationary phase was (i.e. weaker interacting proteins will be eluted first). 

[5,37]           
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  In affinity chromatography, an affinity ligand is bound to a solid support to form 

the stationary phase.  An analyte of interest binds to the affinity ligand based on 

specific biochemical recognition between it and the affinity ligand [5].  This 

process is demonstrated in Fig. 1.3.       

 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 1.3 Example of affinity chromatography.  Affinity ligands attached to a solid support 
selectively capture the desired analyte from a complex mixture. 

 

AC is most often used to separate one analyte of interest from a mixture 

containing a multitude of different molecules.  AC can also be used when an 

analyte of interest is tagged with a molecule or functional group that shows 

strong affinity for a ligand.  Resolution mainly depends on the selectivity of the 
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immobilized ligand opposed to how the analyte migrates down the column [4].  

After capture of the intended analyte, a wash step follows to remove any non-

specifically bound species and ensure that the eluted fraction contains only the 

analyte of interest.  A buffer that weakens the interaction between the affinity 

ligand and the protein, either by a conformational change or introducing a 

competing compound,  is used for elution [4,37].  In affinity chromatography, 

binding capacity is limited by the amount of ligand immobilized to the support 

phase.  

As has been stated, C-CP fibers have physical properties that make them 

highly suitable for protein separations.   Nylon 6 C-CP fibers have naturally 

occurring end groups that allow for an ion-exchange surface that efficiently 

separates proteins. Taking this a step further, modifying the fiber surface to 

generate a species specific surface is highly practical.  In this work, 

polypropylene fibers are used.  Modification of PP fibers is done through 

hydrophobic adsorption to the polymer surface.  Although these modifications are 

“only” based on adsorption, the modifications are found to be robust and stable 

across a wide variety of solvent environments.  In this dissertation, analyte 

specific stationary phases are developed for affinity chromatography 

applications.        
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Summary 

The current challenges faced in HPLC applications, as discussed above, are 

centered on ensuring a highly efficient separation in terms of speed, cost, 

throughput, and yield.  Specifically, complex mixtures containing hundreds of 

different proteins require highly selective stationary phases to ensure adequate 

resolution in separation.  The majority of work presented in this dissertation 

focuses on the chemical surface modification of C-CP fibers for the selective 

capture of proteins through affinity chromatography.  The primary goal was to 

enhance the already advantageous physical characteristics of C-CP fibers by 

generating a species-specific, high surface density modification.  This was 

possible by adsorption of a capture ligand onto hydrophobic polypropylene C-CP 

fibers, resulting in a robust modification due to strong hydrophobic interaction.  

Throughout this work, the physical properties of C-CP fibers are highlighted, and 

their application as species-specific affinity stationary phases is developed. 

 Chapter II, the only chapter to not involve a surface modification, rather, 

gives an introduction to C-CP fibers use for ion-exchange chromatography and 

how the extrusion process of forming nylon 6 beads into fibers can cause 

differences in their physical properties.  A difference in chromatographic behavior 

between the two (presumably identical) nylon 6 fibers led to a closer look into the 

chemical and physical nature of the fibers.  Testing included Fourier transform 

infrared spectroscopy (FTIR), differential scanning calorimetry (DSC), 

mechanical testing, MALDI-TOF mass spectrometry, the ninhydrin test, and 
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dilute solution viscometry.  Differences in fiber perimeter, denier, and available 

surface area when packed into a column were also noted.  The outcome of this 

work was published in the Journal of Applied Polymer Science (Schadock-Hewitt, 

A.J.; Pittman, J.J.; Stevens, K.A.; Marcus, R.K., J. Appl. Polym. Sci., 2012, 128, 

1257-69) and reprinted with permission from John Wiley and Sons, Inc.  

 Chapter III involves the modification of polypropylene C-CP fibers with a 

recombinant protein A ligand as an affinity stationary phase for the capture of 

immunoglobulin G (IgG) antibody.  IgG, needed in high quantities and high purity, 

can be selectively captured by the protein A ligand and thus protein A affinity 

chromatography is the most commonly used methods of IgG purification.  This 

study was done in an initial, small analytical SPE micropipette tip format so that 

solvent, protein, and antibody use was minimal.  The surface modification with 

protein A was optimized to generate the highest ligand capacity.  Performance of 

the stationary phase was evaluated through exposure to a mixture of human IgG 

and myoglobin.  Capture and recovery were determined with absorbance 

measurements of collected eluents.  Results were published in The Journal of 

Separation Science (Schadock-Hewitt, A.J.; Marcus, R.K., J. Sep Sci., 2014, 

37(5), 495-504), and reprinted with permission from John Wiley and Sons, Inc.  

 Chapter IV describes the modification of PP C-CP fibers with head group 

functionalized poly(ethylene glycol) (PEG)-lipids.  A PEG-lipid molecule contains 

a fatty acid lipid tail that strongly adsorbs to the hydrophobic PP surface, and a 

hydrophilic PEG moiety that orients itself towards the more polar mobile phase 
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allowing for the head group (functional group) to be free in solution.  PEG-lipids 

used to modify a surface have been termed lipid-tethered ligands (LTLs).  In this 

proof-of-concept experiment, PP fibers were modified with a Biotin-PEG-lipid and 

used to capture streptavidin from a pure solution and a complex cell broth.  When 

compared to methoxy-PEG-lipid modified PP C-CP fibers and unmodified PP C-

CP fibers, only Biotin-PEG-lipid modified fibers showed a high specificity for 

streptavidin, with the two controls showing little-to-no non-specific binding.  

These results were published in Analyst (Schadock-Hewitt, A.J.; Pittman, J.J.; 

Christensen K.A.; Marcus R.K., Analyst, 2014,139, 2108-2113), reproduced with 

permission from The Royal Society of Chemistry.  

 In Chapter V, the initial proof-of-concept modification of PP C-CP fibers 

with head group functionalized PEG-lipids is expanded on.  Here, ligand binding 

characteristics were studied with breakthrough curves and frontal analysis across 

a range of lipid concentrations and mobile phase flow rates.  Generation of a 

linear adsorption isotherm highlights the efficient mass transfer and fluid 

transport properties of C-CP fibers.  Dynamic binding capacity and maximum 

capacity were determined.  Additionally, exposure of the lipid-modified PP C-CP 

fibers to several solvents revealed a chemically robust system, as only 50% 

acetonitrile and 100% hexanes were able to disrupt the surface adsorption.  The 

conclusions show a lipid tethered ligand (LTL) system.  The results were 

published in the Journal of Separation Science (In press, DOI: 
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10.1002/jssc.201400807), reprinted with permission from John Wiley and Sons, 

Inc.  

 Chapter VI the PEG-lipid surface modification is further investigated in 

order to understand the mode of adsorption of the lipid tail to the polypropylene 

surface; either with the fatty acid tail resting along the fiber surface or 

intercalating into the bulk PP fiber.  Lipids labeled with the environment-sensitive 

7-nitro-2-1,3-benzoxadiazol-4-yl (NBD) fluorophore were used to modify the PP 

C-CP fiber surface, with NBD covalently attached to the head group (NBD PE or 

the acyl chain (acyl NBD PE).  Changes in fluorescence behavior, examined 

through fluorescence microscopy, reflected if the ligand was free in the solvent 

environment or embedded into the fiber polymer matrix.  These results allow us 

to better understand this surface modification.  Results have been submitted to 

The Journal of the American Chemical Society.       
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CHAPTER TWO 

EXTRUSION-BASED DIFFERENCES IN TWO TYPES ON  

NYLON 6 CAPILLARY-CHANNELED POLYMER (C-CP) FIBER  

STATIONARY PHASES AS APPLIED TO THE SEPARATION  

OF PROTEINS VIA ION EXCHANGE CHROMATOGRAPHY 

 

Introduction 

Nylon is among the most common commercially used synthetic fibers, having a 

wide range of textile and industrial applications1-4. Nylon is advantageous over 

other textile polymers due to its robustness, chemical versatility, dyeability, 

unique wettability (high hydrophilicity), as well as overall chemical and thermal 

stability.   These features lead to the use of nylon in a variety of chemical 

manipulations such as a protein immobilization support in the form of 

membranes5,6, and particles7,8 for chemical separations and fluorescence 

measurements.  Nylon-based materials have also been used in the form of 

nanofibrous membranes for water filtration, effectively isolating 90% of 0.5 µm 

particles from flowing streams9.  While there are several chemical forms of nylon, 

nylon 6, named for the 6 carbons between each amide in the polymer backbone, 

is used most often as a chemical support due to its more open and random 

structure, allowing for more rapid and uniform functionalization.  Nylon 6 (poly(-

caprolactam)) is an AB type linear polyamide, formed through the aqueous 

polymerization of the cyclic amide caprolactam.  For the above applications, 
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nylon 6 is relatively cheap when compared to similar supports, is readily 

available, has an active surface for interactions with analytes of interest, and 

provides for ready surface chemical modification for attachment of species-

specific ligands.  As a drawback, nylon 6 precipitated to form bead supports must 

be activated to generate the desired amine and carboxyl groups on its surface; 

however, most membranes and fibers require no such pre-treatments prior to 

use. 

    It seems advantageous to develop a nylon fiber support that can also be 

used as a stationary phase for high performance liquid chromatography (HPLC) 

separations, requiring no pre-treatment, with the ability to effectively separate 

several proteins in a mixture.  Marcus has reviewed the application of fibrous 

stationary phases in liquid chromatography, where common traits include low 

materials costs, ease of column fabrication, presentation of diverse surface 

chemistries, efficient fluid mass transit through columns, and effective solute 

mass transfer to and from the stationary phase surface through convective 

diffusion processes10,11.  In this laboratory, we are currently focused on the 

characterization of capillary-channeled polymer (C-CP) fibers utilized as a 

combined support/stationary phase for protein separations by HPLC.  These 

fibers exhibit a higher surface area versus circular cross section fibers due to 

their unique shape, consisting of eight capillary channels that run axially down 

the length of the fiber.  In terms of biomolecule separations, the fibers are 

essentially non-porous and exhibit very efficient mass transfer properties; as 
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such, effective separations can be performed at high linear velocities (>25 mm s-

1) with low backpressures (<1500 psi).   

C-CP fibers have been studied extensively and have been applied in 

many different chromatographic modes including reversed-phased (RP), ion 

exchange (IEX), hydrophobic interaction (HIC), and mixed-mode 

chromatographies10-18.  These different modes are readily affected through the 

choice of the base polymer identity among polypropylene (PP), poly(ethylene 

terephthalate) (polyester, PET), and nylon 6.  In 2003, Marcus et al. first 

demonstrated the combined support/stationary phase ability of PP and PET C-

CP fibers in reversed-phase separations of polyaromatic hydrocarbons (PAHs), 

organic and inorganic lead, amino acids, and lipids12.  PP and PET C-CP 

columns, when compared with a commercially available C4-derivatized silica 

column for the separation of proteins, showed increased repeatability of peak 

width and retention time, greater recoveries, and the potential for ultrafast 

separations13,14 .  Rapid protein separations were further studied with optimal 

peak resolution achieved with a 2.1 mm i.d. PET column at a flow rate of 7 

mL/min15.  Smaller i.d. PP microbore columns (1000 mm in length) were shown 

to achieve high column efficiency while maintaining relatively low 

backpressures16.  Most recently, nylon 6 C-CP columns were shown to effectively 

separate proteins at comparatively high linear velocities (~21 mm/s) by a mixed-

mode IEX/RP chromatography17 and excellent resolution with fast analysis times 

achieved by HIC18.  Overall, C-CP fiber columns have continuously been shown 
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to provide high efficiency separations at high linear velocities and high recoveries 

in comparison to derivitized silica phases which are the industry standards15.  

The nylon 6 C-CP fibers are similar to commonly used membrane and 

bead-form supports because they are cheap, easily made, and readily available2-

4.  Unlike analogous polyamide particles, nylon 6 fibers do not require activation 

to generate surface functional groups.  When nylon 6 bulk polymers are extruded 

into fibers various degradation processes lead to a discontinuity of the polymer 

chains, exposing the amine and carboxyl surface functional groups.  It is these 

end groups that contribute to the hydrophilicity of the surfaces (allowing for 

effective hydrophobic interaction separations) and provide cationic and anionic 

sites to affect ion exchange separations as described here18.   The nylon 6 C-CP 

fibers enable electrostatic interactions between the charged amino acids making 

up the outer portions of a protein molecule and the charged end groups (-NH3
+ 

and –COO-) of the amide polymer.  The mixed-mode nature of separation 

involves additional interactions between hydrophobic portions of proteins with the 

alkyl chains making up the polymer backbone.  An underappreciated aspect of 

the use of nylon 6 as an extraction/chromatographic support is the level of 

“surface tunability” that can be affected due to the zwitterionic nature of the end 

groups.  As such, nylon 6 C-CP fibers can be used for both anion- and cation-

exchange separations based on the solvent pH, as illustrated in Fig. 2.1.  As 

indicated, the nylon 6 surface is cationic in nature at low pH (making it useful for 

anionic exchange), with the surface charge being a net negative at pH> 8 
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(allowing for separations based on cation exchange).  Not unlike other types of 

chromatographic stationary phases, HPLC separations on C-CP fiber columns 

are first dictated by the chemical nature of the fiber surfaces as this determines 

the types and strengths of the protein-surface interactions.  The specific fiber 

shape, perimeter, denier and column packing density in turn affect the column 

hydrodynamics and the available surface area for interaction.  Even in the case 

of identical monomers, subtle differences may be manifest due to inconsistencies 

in the base nylon 6 polymers used for fiber extrusion.  

  

 

 
 
 
 
 
 
 
 
 
 
 
 

 

 

 

Figure 2.1 Nylon 6 monomer structure and the effects of pH on the end group functionality 

  

 It is known that nylon performance (in general) is based on a variety of 

properties, including amide content (molecular weight), crystallinity, and melting 
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point.  Due to their linear discerned symmetry, nylon 6 fibers show high 

crystallinity that varies based on extrusion processes19.  We describe here a 

comprehensive evaluation of the chemical and physical attributes of two nylon 6 

C-CP fiber stocks (referred to as nylon 6A and nylon 6B) which affect their 

performance in the ion exchange chromatography separation of a simple three-

protein suite of ribonuclease A, cytochrome c, and lysozyme.  Attenuated total 

reflectance Fourier transform infrared spectroscopy (ATR-FTIR) and differential 

scanning calorimetry (DSC) provide insight into the base polymer and 

amorphous/crystalline structure of the nylon 6.  MALDI-TOF mass spectra of the 

surface of fibers dissolved in trifluoroethanol (TFE) also provide confirmation of 

the identities of the base monomers.  Mechanical properties discerned from 

tensile testing allow for information regarding the fiber extrusion process.    

Relative viscometry of the fibers was measured and used to calculate a number 

average molecular weight.  As a final test, end group densities were 

quantitatively determined by a reaction with ninhydrin, which causes a 

photometrically measureable color change in the presence of amide groups, and 

serves to complement MALDI data, relating molecular weight and end group 

density. As a whole, this insight into the physical and chemical characteristics of 

C-CP fibers alludes to a greater understanding of their properties and future 

performance optimization.    Regardless of the actual identity of the materials 

evaluated here, the results point to the need to critically evaluate the roll of 
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differing base polymers and fiber extrusion conditions in the ultimate chemical 

character of the fiber surfaces, and thus their separation qualities. 

 

Experimental 

 

Chemicals, Reagents, and Standards   

 HPLC-grade acetonitrile (ACN) and HPLC-grade methanol, used to clean 

the fibers, and 2-propanol (isopropanol) and ethanol, used in the ninhydrin 

reaction, were obtained from Fisher Scientific, (Pittsburgh, PA, USA).  Milli-Q 

water (18.2 MΩcm-1) derived from a Millipore water system (Billerica, MA, USA) 

was used for fiber rinsing and preparation of TRIS-HCl buffer, ammonium 

chloride (NH4Cl) salt solutions, and all other aqueous-based solutions.  1M TRIS-

HCl, pH 8.0, was purchased from Teknova (Hollister, CA, USA) and diluted 

appropriately into 20 mM TRIS-HCl, pH 8, employed as mobile phase, buffer A.  

1 M NH4Cl in 20 mM TRIS-HCl was used as the elution buffer, buffer B.  A 

standard three-protein stock solution was prepared in 20 mM TRIS-HCl buffer at 

pH 8.0, at a concentration of 0.25 mg mL-1 for each protein.  The suite included 

ribonuclease A (RNase A) (MW = 13.7 kDa), cytochrome c (cyto c) (MW = 12.4 

kDa), and lysozyme (MW = 14.3 kDa), all having isoelectric points (pI) above the 

physiological pH = 7.4, and so referred to as basic.  The protein solutions were 

stored at 6° C.  Pyridine, propionic acid, sodium propionate, 2-methoxy-ethanol, 

ε-aminocaproic acid, and ninhydrin, all used in the ninhydrin reaction, and the 2-
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(4-Hydroxyphenylazo)benzoic acid (HABA) and sinapic acid (SA) matrix species 

for MALDI-MS, and the 2,2,2-trifluoroethanol (TFE) used to dissolve fibers prior 

to MALDI-MS analysis, were purchased from Sigma Aldrich (Milwaukee, WI, 

USA).              

          

Physical Property Considerations and Column Preparation 

 Nylon 6 C-CP fibers were obtained from the Clemson University School of 

Materials Science and Engineering (Clemson, SC, USA) (nylon 6A) and Fiber  

Innovations Technology (FIT, Johnson City, TN, USA) (nylon 6B).  Bundles of 

fibers were prepared and pulled through 0.8 mm i.d., 200 mm long fluorinated 

ethylene propylene (FEP) tubing (Cole-Parmer, Vernon Hills, IL, USA) as 

previously described to form microbore format C-CP fiber columns12,13.   The 

perimeter, weight, denier, and total surface area are provided in Table 2.1.  The 

fiber perimeter was determined through a mathematical program using the SEM 

cross-section images of the fibers (Fig. 2.2).  The denier per filament (dpf) was 

determined by calculating fiber weight in grams per 9000 meters.   

  

Table 2.1 Physical property differences between nylon 6 C-CP fibers 

 
 

Sample 
Filaments

/ Yarn 
DPF 

Perimeter 
(µm) 

Surface Area/ 
Column (cm

2
) 

Average 
Mass/Column (mg) 

Nylon 6A 30 2.67 207.5 373.5 7.76 ± 0.02 

Nylon 6B 25 7.74 270.7 189.5 8.25 ±0.02 
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Bobbins of nylon 6A were wound as 30 filaments per fiber bundle, while nylon 6B 

has 25 filaments per fiber.  Based on previous results13 , the nylon 6 C-CP fiber 

columns were packed to yield interstitial fractions of i ≅ 0.6 (i.e. ~60% void 

volume).  In this case, 900 nylon 6A fibers and 350 nylon 6B fibers were pulled 

through the FEP tubing, respectively.     

 

Figure 2.2 SEM cross-sectional images of nylon 6 C-CP fibers (a) nylon 6A and (b) nylon 6B 

 

The actual column void volumes were determined by injection of an unretained 

compound, uracil (0.1 mg mL-1)20.  The total surface area of fibers, reported in 

Table 2.1, was calculated by multiplying column length, fiber perimeter, and the 

number of individual filaments in the column.  Once pulled through the column, 

the fibers were trimmed with a surgical scalpel to be flush with the tubing ends.  

Before performing separations, columns were completed with end fittings (Valco 

Instruments, Houston, TX, USA) and PEEK unions (VWR International, West 
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Chester, PA, USA), allowing for connection to the HPLC system for fiber/column 

washing.  Successive wash solutions beginning with 100% ACN, followed by 

100% hexane, 100% isopropyl alcohol, and finally 100% DI-H2O, were pumped 

through the capillary column (1 mL min-1).  Each solvent was flushed until a 

stable baseline absorbance signal was achieved for at least 10 min. 

Chromatographic System and Operations 

 The chromatographic system consisted of a Dionex (Sunnyvale, CA, USA) 

Ultimate 3000 with a model LPG-3400SD pump, a WPS-3000TSL autosampler, 

and a VWD-3400 RS variable wavelength UV-VIS absorbance detector, operated 

at 216 nm.  The Dionex Chromeleon software was used to generate data for the 

chromatograms, and further analysis was done through Microsoft (Seattle, WA, 

USA) Excel.   C-CP fiber columns were washed, prior to experimental runs, with 

100% acetonitrile until a stable baseline absorbance is reached, then 100% milli-

Q water until a stable baseline value was achieved, and finally equilibrated with 

100% 20 mM TRIS-HCl (buffer A) while the baseline remained stable.  Each 

protein mixture injection was performed at 2 mL min-1 100% buffer A with a 2 

minute equilibration between injections.  No difference was seen in 

chromatograms when a hold time of 1 minute was added before gradient 

initiation and when it was not.  Optimal protein elution was found at a gradient of 

0-50% 1M    NH4Cl in 20 mM TRIS-HCl in 2 minutes.  In doing so, the proteins 

are sequentially eluted through a displacement mechanism wherein the cationic 

groups of the proteins are substituted by the increasing ammonium ion (NH4
+) 
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content in the mobile phase.  While single chromatograms are presented to 

illustrate the separation characteristics of the respective fibers, triplicate 

repetitions do indeed yield agreements in retention times of better than 5 %, 

relative. 

 

Scanning Electron Micrographs 

     Micrograph cross-sectional images of nylon 6A and nylon 6B were taken on a 

Hitachi S-3400-N (Hitachi Scientific Instruments, Pleasanton, CA, USA) scanning 

electron microscope (SEM) system.  Single fibers were mounted vertically, 

suspended in a resin, and one end cut smooth with a RMC Powertome X 

(Boeckler Instruments Inc., RMC Products, Tucson, AZ, USA) microtome before 

being mounted on a standard stainless steel SEM platform using double-sided 

graphite tape in a near-vertical position.  Images were taken at an accelerating 

voltage of 20 kV with image magnifications of 1500−1600x.     

 

Attenuated Total Reflection FTIR (ATR-FTIR) Spectroscopy  

     ATR-FTIR measurements were performed on washed and air-dried nylon 6 C-

CP fibers using a Thermo-Nicolet Magna 550 FTIR spectrometer equipped with a 

single bounce Thermo-Spectra-Tech Foundation Series Diamond ATR with a 50° 

angle of incidence.  The fibers were force-pressed onto the diamond crystal to 

ensure maximum contact.  Generated spectra were an accumulation of 16 scans 



 35 

with a resolution of 4 cm-1.  Data analysis and processing was performed using 

OMNIC ESP software, Version 6.1a.          

 

Differential Scanning Calorimetry (DSC)  

 A TA Instruments (New Castle, DE) MDSC 2920, equipped with a nitrogen 

cooling system was used to test the thermal properties of the fibers.  

Approximately 2 mg of the respective C-CP fibers were washed and air-dried 

prior to sealing in an aluminum pan.  In quenching experiments, samples were 

initially heated from 0-300 °C at a rate of 20 °C min-1.  At 300 °C the cell 

temperature was held constant while the sample was removed and quench-

cooled on a stainless steel bar cooled with liquid nitrogen.  After the cell was re-

equilibrated to room temperature, the quenched sample was re-introduced.  The 

second DSC analysis was performed identically to the first, with heating from 

~25-300 °C at 20 °C min-1.  DSC was also performed without quench cooling to 

confirm melting temperature and heat capacity.  The acquisition software used 

was TA Instruments Thermal Advantage, Version 1.1A.  Data was analyzed 

using TA Instruments Universal Analysis 2000, Version 3.9A.  Samples of each 

fiber type were run in triplicate for each DSC process.   

 

Matrix Assisted Laser Desorption Ionization Time-of-flight Mass Spectrometry  

(MALDI-TOF-MS) 
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 MALDI analysis was performed on a Bruker Daltonics (Billerica, MA, USA) 

microflex LRF, MALDI-TOF mass spectrometer in the positive ion (160 ns delay), 

reflectron mode.  The system is equipped with a nitrogen laser (337 nm) 

operating at a pulse rate of 60 Hz.  A 72% laser power was used throughout the 

studies, with the spectra presented being a summation of 300 laser shots per 

position.  A mass range of 260 – 3000 m/z was suitable.  Fibers were tested in 

triplicate as TFE-dissolved samples as a means to assess the “original” 

polymer/monomer identities.  In this case, 1 µL of the sample was sandwiched 

between two 1 µL drops of HABA as the matrix; each drop was pipetted onto the 

target and left to dry before addition of the subsequent layer.  

 

Mechanical Properties  

     The mechanical properties, such as the modulus, tenacity, and extension at 

break of the washed and air-dried fibers were determined from their load 

elongation curves.  Tensile testing was performed using an Instron 5582 

(Canton, MA, USA).  ASTM2256 was utilized to obtain the elongation, modulus 

and tenacity of the yarn samples.  A gauge length of 25 mm was employed for 

yarn testing and the cross head speed set such that fiber breakage occurred in 

20 ± 2 seconds. 10 samples of each yarn were analyzed and the average and 

standard deviation was calculated for elongation, modulus, and tenacity in each 

case. 
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Dilute Solution Viscometry  

The relative viscosity (RV) of each fiber sample was determined in 90% formic 

acid at 25°C using an Ostwald viscometer size B.  A 1% solution (wt/wt) was 

prepared for both nylon samples and the flow time compared to that of pure 

solvent.  The flow times were recorded until the measurements were 

reproducible to ± 0.2sec.  The RV was calculated using the following equation: 

RV = t / t0    [1]  

where t is the average flow time of the test solution and t0 is the average flow 

time of the neat solvent.   

 

Ninhydrin Analysis Technique 

     The amine end group content was determined through the ninhydrin 

technique, as described by Knott and Rossbach21.  Fiber samples were prepared 

in the same manner as for column preparation, using 20 mg of each fiber type 

and the same series of solvents (ACN, hexane, isopropyl alcohol and DI-H2O), 

followed by air-drying prior to analysis.  Each sample was placed in a 50-mL 

round-bottom flask with 1 mL of 10% isopropanol, 1 mL of 10% pyridine, and 2 

mL of a reagent solution of 9.3 mL propionic acid, 20.18 g sodium propionate, 50 

mL methylcellosolve, and 2 g of ninhydrin filled to 100 mL with water.  The flask 

was stoppered and the mixture heated for 30 minutes in a boiling water bath.  20 

mL of 50% ethanol was added to the mixture and the flask was shaken then left 

to sit for 15 minutes.  The fibers were removed from the mixture and pressed at 
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the end of a syringe to ensure that the vast majority of liquid was removed.  The 

liquid remaining in the flask was quantitatively transferred into a 100-mL 

volumetric flask and filled to the mark with water.  Each fiber type was analyzed 

in triplicate with a 2x10-6 M solution of ε-aminocaproic acid analyzed in parallel to 

the fibers as a calibrant.  A reaction containing no fibers or ε-aminocaproic acid 

was used as a blank with the quantitative absorbance measurements performed 

at the max = 570 nm.  

 

Results and Discussion 

 

Physical characteristics of fibers/columns 

     As described previously, the respective fiber columns were composed to yield 

interstitial fractions of i ≅ 0.6.  In considering the capillary tubing (200 x 0.8 mm 

i.d.), creating this interstitial fraction required 30 column lengths of nylon 6A fiber, 

with 30 filaments per fiber bundle giving a total of 900 fibers running lengthwise 

down the column.  For the larger nylon 6B, which has 25 fibers per bundle, only 

14 column lengths or 350 total filaments were required to yield very similar void 

volumes.  In terms of total fiber mass, the 900 nylon 6A fibers weighed 7.76 mg, 

and the 350 fibers of nylon 6B weighed 8.25 mg.  However, while there is more 

total polymer fiber in the latter column, a more important figure of merit in terms 

of chemical separations is the accessible surface area, at which chemical 
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interactions can occur.  To be clear, on the size scale of proteins, the pore sizes 

in these extruded fibers are such that only “surface” interactions are occurring.  

SEM imaging, shown in Fig. 2.2, reveals the relative size and perimeter 

differences of the fibers.  Shown on the same 30-µm scale, nylon 6B (Fig. 2.2b) 

takes up almost 2X the area of nylon 6A (Fig. 2.2a), also having deeper, wider 

channels.  In support of the obvious visual difference, nylon 6B is ~25 % larger in 

perimeter than nylon 6A, as noted in Table 2.1.    Although nylon 6B has a larger 

perimeter than nylon 6A, the total surface area in the column based on the 

number of fibers needed for efficient column packing tells the opposite story, as 

the total available fiber surface area for the nylon 6A column is nearly twice that 

of the higher dpf fiber column.  In dealing with interactions that occur primarily on 

the fiber surface, this insight is significant when considering chromatographic 

separation qualities.  On a first-principles basis, a column with 2x greater surface 

area suggests a higher propensity for solute-surface interactions affecting high 

separation efficiencies.    

 

Protein Separation  

The protein mixture of ribonuclease A, cytochrome c, and lysozyme was 

first separated on the nylon 6A C-CP fiber packed column using a mobile phase 

of 20 mM Tris-HCl buffer at pH 8, with an optimized gradient program of 0 – 50% 

1M ammonium chloride in 20 mM Tris-HCl over 2 minutes at a flow rate of 2 ml 

min-1.  The chromatogram in Fig. 2.3a displays an efficient separation with fully 
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resolved peaks in elution order of RNase A at 0.58 min, cyto c at 0.78 min, and 

lyso at 1.21 min.  Protein identity was confirmed by single-solute injections.  This 

order is reflective of each protein’s isoelectric point (pI) (RNase A pI = 8.7, cyto c 

pI = 10.0, lysozyme pI = 11.0), which hints at the density of the charged groups 

available on the protein as a function of the mobile phase pH.  At pH 8, all three 

proteins have a net positive charge, and are thus displaced by the increasing 

ammonium ion concentration.  While the net charge of the protein is not fully 

descriptive of the retention characteristics of the proteins, it does suggest that 

RNase A is the least retained due to the small ratio between its pI and the 

solvent pH, being the least cationic (i.e. having the smallest number of 

protonated surface amine groups) of the three proteins.  The elution order thus 

(loosely) follows the number of cationic/acid groups at pH = 8.    

Figure 2.3b shows the separation of the same three-protein suite on a 

nylon 6B C-CP fiber packed column under the same gradient conditions as for 

nylon 6A.  Resolved peaks from cyto c and lyso are seen at shorter retention 

times of 0.66 and 1.03 min, respectively, while RNase A is mostly unretained, 

and is seen as a continuation of the solvent/injection peak at t0 ~0.05 min.  The 

broad band from t ~ 0.13 – 0.50 min. suggests that any RNase A retention was 

due to hydrophobic interactions and very little electrostatic interaction occurred 

with the nylon 6B surface.   
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Figure 2.3 Separation of ribonuclease A, cytochrome c, and lysozyme on (a) nylon 6A C-CP and 
(b) nylon 6B C-CP fiber columns (gradient conditions in text).   

 

In practice, even if the protein has a net charge of 0 (i.e., pH = PI), this only 

implies that there are an equal number of positive and negative charges, with the 

equilibrium value determined by the precise pH.  Also important here, is the fact 
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that even in the absence of any protein or surface charge, there are hydrophobic 

interactions which may affect some level of retention, if only slightly. The 

combination of loss of RNase A retention and the shorter retention times for cyto 

c and lyso points to an overall loss of surface activity; i.e. access to a lower 

surface charge density.  In comparing Figs. 2.3a and b, it is curious that two 

forms of nylon 6 fibers produce such different chromatograms.  It is understood 

that physical differences manifest in the column hydrodynamics might affect the 

quality of the protein elution profiles (principally peak widths and shapes), but 

such differences would not affect the chemical nature of the separations in terms 

of degree of column retention.  As much of the chemical/physical information 

about the fibers was unknown, it was important to delve deeper into the cause of 

these chromatographic differences on seemingly chemically equivalent materials.   

The studies described here are directed at gaining greater levels of 

understanding as to how extrusion and molecular weight based differences may 

affect the chemical nature of what should be an identical separation. 

 

Chemical and physical structural characterization    

FTIR  

As a first step, it was necessary to confirm the basic chemical identity of 

the two fibers under study.  More specifically, characteristic amide, amine, and 

carboxyl groups present in the nylon 6 fibers are easily identified through FTIR 

spectroscopy.  FTIR is an essential method for polymer characterization, and the 
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availability of reference nylon FTIR spectra make comparisons easy.  Fourier 

transform infrared spectra were taken for nylon 6A and nylon 6B; included in 

Appendix A, Fig. A-1.  Characteristic nylon 6 bands are seen for both.  An N-H 

stretch band is seen from 3356 – 3180 cm-1 and the C=O (amide I) stretch band 

is seen from 1682 – 1579 cm-1.  A C-N stretch, N-H bend (amide II) band is seen 

from 1579 – 1483 cm-1.  An amide II overtone is seen at 3105 – 2989 cm-1.  C-H 

stretches are seen from 2976 – 2771 cm-1.   The amide III band is seen from 

1272 – 1191 cm-1.  The C-C skeletal stretches are seen from 1192 – 1000 cm-1.   

Comparison of these spectra with known nylon 6 absorbance bands served only 

to confirm that each fiber was made from a nylon 6 base polymer22,23.  

Accordingly, as nylon 6A was extruded on-site we are absolutely confident that 

its source was nylon 6. Likewise, we are able to confirm that the nylon 6B C-CP 

fiber was not made from a nylon 6,6 base polymer (as one obvious alternative) 

due to the similarity between the two FTIR spectra; further testing described here 

supports this fact as well.  

 

Thermal Analysis 

The thermal characterization of the fibers was carried out via two modes 

of differential scanning calorimetry (DSC) to determine if crystallinity differences 

existed between the samples.  Crystallinity might be expected to impact 

separations in terms of access to the subsurface regions of the fibers.  As seen 

in Fig. 2.4, a broad endothermic peak observed between 5 and 60 °C, which may 
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be attributed to water loss, and unfortunately masked any information regarding 

the existence of a glass transition temperature (Tg).   

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.4 Direct DSC curves of (a) nylon 6A and (b) nylon 6B C-CP fibers. 

 

At Tg, the amorphous regions of a semi crystalline polymer change from a glassy 

state to a rubbery one.  In other words, the polymer reaches a point where there 

is enough energy for the chain to begin to rotate around its bonds.  To obtain an 

amorphous glassy material prior to DSC analysis, solid fibers are first melted and 

then quench-cooled.  In this case, the transition from glassy to rubbery can be 
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seen as both materials display very similar thermal characteristics as seen in Fig. 

A-2 of Appendix A.  A step change in heat capacity occurs as the temperature 

rises.  In S2a, Tg is seen from 6.5 – 42.1 °C and likewise in S2b from 9.1 – 44.7 

°C for the two nylon fiber types.  Based on this data, the Tg peaks should have 

occurred in the region of 40 °C in Fig. 2.4.  No significant difference was 

observed in the initial DSC thermograms regarding the onset, offset, and 

midpoint temperatures of the melting exotherms with all three values lying in the 

expected range for nylon 6.  The heat of melting (ΔHm) was calculated by 

integrating the area under the melting peaks (Fig. 2.4), which were found to be 

72.15 J/g and 57.26 J/g for nylon 6A and nylon 6B respectively.  The percent 

crystallinity of each sample was then calculated using the following equation 

using theoretical heat of fusion for 100% crystalline nylon 6 of 230 J/g,24    

    % crystallinity = (ΔHm / ΔHc) X 100  [2]  

where ΔHm  = heat of melting and ΔHc = cold crystallization energy.   

In this case, the DSC of neither sample reflected a cold crystallization 

peak, and so the values obtained from the integration of the melting endotherms 

were the sole input values.  The degrees of crystallinity obtained were, 31.4 % for 

nylon 6A and 24.9% for nylon 6B.  This was anticipated, as the denier per 

filament of the two samples were 2.64 and 7.74 for nylon 6A and nylon 6B, 

respectively.  Lower denier fibers typically undergo more severe wind up 

conditions (i.e. higher wind up speed and tension), and so more crystallinity 

would be imparted to the smaller fibers.  The 20% higher crystallinity in nylon 6A 
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in comparison to nylon 6B gives insight into a potential to tailor fiber properties 

based on the extrusion process.  In agreement with the IR data, when in their 

amorphous form after rapid quenching from the melt and subjection to the same 

DSC heating regime, nylon 6A and nylon 6B both indicated thermal transitions 

characteristic of nylon 6, having Tg at approximately 40 °C, a crystallization 

temperature (Tc) at 68 °C, and a melting temperature (Tm) at 220 °C (Fig. 2.4).  

This similarity in the thermal behavior via DSC did not highlight significant 

potential differences between the samples other than the crystallinity.  

 

MALDI-TOF-MS 

 MALDI-MS was performed to provide insight into possible molecular 

weight differences between the two nylon 6 samples.  In principle, the polymer 

molecular weight should be some reflection of the number of end groups 

available per unit area.  While solid fiber analysis is uncommon, there is also little 

literature addressing MALDI-MS of nylon 6 fibers due to its insolubility in most 

common solvents such as tetrahydrofuran.  To get around this, in some cases, a 

finely ground powder of sample and matrix is pressed into a pellet and analyzed 

in that form25.  However, it is noted that this method was not accurate for end 

group determination, as disruption of end groups can occur during sample 

preparation.  The groups of Montaudo 26,27 and Park28 report fully dissolving 

nylon 6 samples in trifluoroethanol (TFE) prior to MALDI analysis.  They were 

able to obtain accurate mass values and end group distributions for several nylon 
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6 samples. MALDI mass spectra were obtained on the dissolved nylon 6A and 

nylon 6B samples in an effort to ascertain the likelihood of them being extruded 

from the same molecular weight polymers.  Figure A-3 of Appendix A displays 

the MALDI-TOF mass spectra of samples that were fully dissolved in TFE prior to 

application to the MALDI target.  While nylon 6B yielded a somewhat higher 

overall intensity, the m/z values for both spectra show nearly identical structure.  

Seen is a uniform oligomeric distribution having mass differences of ~113.1 Da 

between the respective families of peaks.  This value is expected, as it is the 

molecular weight of the nylon 6 monomer (Fig. 2.1), with the multiplets of peaks 

corresponding to oligomers having different numbers of monomer units.  More 

specifically, the major peak in each multiplet represents ions of the form -[-NH-(-

CH2-)5-CO-]n- Na+ (113.1 x n  + 23), with a peak one mass unit of greater of 

the general form  H-[-NH-(-CH2-)5-CO-]n-Na+ (113.1 x n + 1 + 23).  The 

previously cited works attribute the lower-mass peak to polymer containing cyclic 

oligomers.26-28    In each series, there is a substantial signal for a species 16 Da 

above the major peak, representing an ion of the form -[-NH-(-CH2-)5-CO-]n-O- 

Na+ (113.1 x n + 16 + 23). For both samples, the most intense peaks 

correspond to oligomers with n = 9 - 13, with no appreciable chemical differences 

observed between the two dissolved fiber types.  The similarity displayed again 

confirms that the molecular base structure of these two nylons is the same.   
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Mechanical Testing 

 To investigate further the differences between the extruded C-CP fibers, 

tensile testing was performed.  The response curves of Fig. A-4 of Appendix A 

reflect the amount of positive strain (tensile) the respective fibers could withstand 

before breaking.  Nylon 6B, on average, withstood a higher load (breaking 

strength, gf) than nylon 6A.  The resulting average elongation, tenacity, and 

modulus of ten individual fiber tensile tests are given in Table 2.2.  Both fiber 

samples yielded levels of elongation of ~12%.  The values for both modulus and 

tenacity are significantly different as would be expected when considering the 

difference in deniers of 2.67 and 7.72 for nylon 6A and nylon 6B respectively.  

The higher denier sample, in this case nylon 6B, has lower tenacity and modulus, 

which is a direct result of the spinning process already alluded to.   

 

Table 2.2 Comparison of mechanical properties of samples 

Sample Elongation (%) Tenacity (g/den) Modulus (g/den) 

Nylon 6A 12.60 ± 1.57 2.87 ± 0.16 29.12 ± 2.44 

Nylon 6B 12.39 ± 0.71 1.30 ± 0.07 19.89 ± 1.26 

 
 
 
In order to achieve low denier fibers the wind up speeds are greater and as such 

more orientation and crystallinity is imparted to the filaments.  Hence, much 

improved mechanical properties are achieved due to the increased alignment 

and proximity of the polymer chains with one another.  These data coupled with 

that obtained via DSC support this observation. 
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Determination of Relative Viscometry  

The viscosity of dilute polymer solutions is considerably higher than that of 

the pure solvent.  Any observed viscosity increase is dependent on the solvent, 

the temperature, the molecular chain length, and the polymer concentration.  The 

number average molecular weight (M̅)n of nylon 6 is related to the number 

average degree of polymerization, (DP)n, as follows   

    (M̅)n = 113.16 (DP)n    [3]  

  

Where 113.16 is the molecular weight of caprolactam.  

It is possible to use RV as a measure of molecular weight using the following 

empirical relationship29 

    (DP)n = 95.70 (RV-1)   [4] 

  

Relative viscosity values of 2.08 and 2.33 were obtained giving corresponding 

(M̅)n values of 11,695 and 14,403 for nylon 6A and nylon 6B respectively.  

Clearly a polymer with lower average molecular weight, in this case nylon 6A, will 

also have a greater number of end groups per unit fiber mass available for 

chemical interactions.  In agreement with the MALDI-MS spectra, nylon 6B has a 

longer repeating polymer chain and less available end groups to contribute to 

protein interactions. 
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Determination of Amino End Group Content 

 As a final test, the quantification of end groups available on each fiber 

sample was determined.  As described previously, the separation of proteins on 

nylon 6 C-CP fibers is due to both hydrophobic interactions with the nylon 6 

backbone and electrostatic interactions with charged end groups on the fiber 

surface, having an equal number of amino and carboxy groups.  The reaction of 

primary amines (which de facto are end groups) with ninhydrin allows for the 

quantitative determination of the amino end groups on the fiber.  This ninhydrin 

method, introduced by Knott and Rossbach21 in 1980, compares a reaction of 

ninhydrin and the sample fibers with a reaction of ninhydrin and ε-aminocaproic 

acid, which is an intermediate in the polymerization of nylon 6, resembling the 

nylon 6 monomer unit.  When ninhydrin is in the presence of amino groups, it 

binds to nitrogen to produce a bluish-purple compound, called Ruhmann purple; 

the more intense color produced, the greater number of amino end groups are 

present.  This method was chosen over other common methods, such as 

acid/base titrations, due to the ability to differentiate between primary amine end 

groups and other basic groups. The number of amino groups can be 

quantitatively determined from a Beer’s Law plot of absorbance values versus 

concentration of standard, neat ε-aminocaproic acid solutions.  The sensitivity of 

this method is due to the reaction medium, which causes the fibers to swell, 

ensuring that a greater extent of the fiber matrix is reacted.   
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The results of the ninhydrin reaction determinations (in terms of µmol 

amino groups per gram of fiber) are presented in Table 2.3.  In this case, nylon 

6A yields around 25% more amine functionality per unit fiber mass than nylon 

6B.      

 

Table 2.3  Amino end group content determined by a reaction with ninhydrin (2,2-
Dihydroxyindane-1,3-dione) 

Sample 
Amino End Group Content 

(µmol/g) 

Nylon 6A 76.6 ± 1.19 

Nylon 6B 62.0 ± 1.79 

 

Extending this value to the relative amount of fiber mass per column leads to the 

conclusion that overall the number of amine groups in the nylon 6A column is 

approximately 16% greater than the number in the nylon 6B column.  As noted, 

the ninhydrin solvent system is designed to penetrate the porosity of the fiber 

matrices, while the size of these proteins (with radii of gyration of ~4 nm) 

prohibits their entering the natural fiber porosity.  Thus, the relevant charged sites 

are only those that exist on the fiber surface.   Therefore, the 16% higher mass-

based end group density, coupled with the ~ 2x higher fiber surface area per 

column combine to very effectively yield greater levels of retention based on ionic 

interactions. 

 From a correlation of the ninhydrin results with the relative viscometry and 

MALDI-MS spectral data, it is strongly suggested that the nylon 6A fibers were 
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extruded from a base polymer having somewhat shorter oligomer lengths, 

meaning a shorter chain of nylon 6 monomers between end groups.  This 

supports its comparability with the spectral data of dissolved, amorphous 

samples, and allows for more end groups to be present per unit of fiber mass.  

Nylon 6B, was extruded from a base polymer having longer oligomer length, 

contributing to its high molecular weight peaks in the solid state mass spectra 

and the lower density of amine end groups.  

 

Conclusions 

 A range of physical and chemical tests has been implemented to compare 

two nylon 6 C-CP fiber stocks that exhibited different chromatographic behavior.  

The nylon 6A C-CP fiber-packed column allowed for a highly efficient separation 

of a three-protein suite using a steep gradient at a flow rate of 2 mL min-1 with all 

proteins eluting in less than 2 minutes.  Under the same conditions, the nylon 6B 

C-CP fiber-packed column was unable to fully-retain ribonuclease A, with the 

cytochrome c and lysozyme components also showing reduced retention.  

Investigation into the physical structure of the fibers and columns revealed 

differences in the absolute shape, perimeter/surface area, and denier.  Chemical, 

thermal, and mechanical testing showed differences in crystallinity, strength, 

molecular weight, and number of amine end groups between the fiber types.  In 

general, while is seems clear that the two fibers are extruded from nylon 6 

polymers, based on the FTIR and DSC testing, the solid-state MALDI data, in 
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combination with the thermal and viscometry measurements, suggest a process 

in manufacture of the base nylon 6 polymer, whereby longer oligomer chains are 

affected.   The higher-numbered oligomers present in nylon 6B result in fewer 

end groups per unit fiber mass.  A smaller number of surface end groups yields 

less efficient surface ionic interactions for protein retention, thus the weakly 

retained ribonuclease A is likely only interacting through hydrophobic means. 

 Much of the previous work with C-CP fibers was undertaken fully realizing 

that fiber extrusion conditions would affect the fiber shape, denier, etc., which 

dictate the column hydrodynamic characteristics.  The studies described here 

point clearly to the importance of base molecular weight and fiber extrusion 

conditions in affecting the physical and chemical nature of polymer fibers that 

otherwise originate from identical monomers.  It is believed that the knowledge of 

these effects will allow for a much more thorough understanding of the C-CP 

fiber platform and optimized paths forward.  
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CHAPTER THREE 

INITIAL EVALUATION OF PROTEIN A-MODIFIED  

CAPILLARY-CHANNELED POLYMER FIBERS FOR THE  

CAPTURE AND RECOVERY OF IMMUNOGLOBULIN G 

 

Introduction 

The industry for therapeutic monoclonal antibodies (mAbs) is continuously 

growing due to the demand for their use in biopharmaceuticals. In 2009, mAb-

based therapeutics represented $38 billion of the $99 billion total 

biopharmaceutical global market and included five of the ten top-selling products 

[1].  Antibody production from recombinant cell cultures has increased from < 1 g 

L-1, to 5 g L-1 that is common today [2,3], with reports on the 10 g L-1 scale [4]. 

For initial capture of mAbs from the cell culture supernatant, protein A affinity 

chromatography is the method of choice due to the high selectivity of the Fc 

region of IgG for the recombinant protein A ligand, a well characterized affinity 

system [5,6].  However, with several polishing steps required after capture, 

current downstream processing costs can add up to 80% of total antibody 

manufacturing costs [1].  With safety and efficacy a top priority, focus has been 

shifted to the improvement of downstream processing. Successful endeavors 

would address the current production bottleneck of performing purification steps 

in a fast, cost-effective way while still yielding a high amount of pure antibody. 
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 Current commercial protein A sorbents are available on a variety of 

supports including agarose, polystyrene, porous glass, and macroporous 

polymers [7-9].  The method of protein A immobilization varies for each sorbent 

and includes CNBr or epoxy coupling, amine and thio-ester linkages, and other 

proprietary covalent binding methods to ensure a nearly irreversible 

immobilization.  However, these sorbents are often very expensive and suffer 

from flow rate limitations in terms of high backpressures, media compression, 

and limited mass transfer rates.  While packed-bed chromatography continues as 

the mainstay for antibody separations, Gottschalk suggests that the next few 

years will reveal an expansion of novel protein A supports to yield cost-effective 

methods having lower overhead costs while maintaining or improving process 

throughput and yields [3].     

  Introduced here is a method of protein A affinity chromatography utilizing 

polypropylene (PP) capillary-channeled polymer (C-CP) fibers as a support 

phase.  These fibers have previously been investigated in this laboratory for 

applications in HPLC [10-13] and SPE [14-16] protein separations.  Their 

advantages include highly efficient fluid movement and a low porosity surface, 

resulting in the ability to perform separations at high linear velocities (>75 mm s-1) 

with low back pressures (<20 psi cm-1) without sacrificing chromatographic 

quality [17].  Efficient fluid movement is due to their unique shape, consisting of 

eight capillary channels running down their length [18].  When packed into a 

column format, the fibers interdigitate and align to form single micron-sized 
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channels.  The high linear velocities in narrow channels combine with the 

nonporous nature of the fibers [19] to yield very favorable mass transfer 

characteristics for rapid and efficient protein separations.  C-CP fibers are also 

robust over a wide pH range and are extremely cost efficient when compared to 

commercial products.  

Beyond the native surface chemistries of polyester, nylon-6 and PP C-CP 

fibers, there is a diversity of surface modifications that can be employed to impart 

greater selectivity to the fiber support phases, while maintaining the 

advantageous fluidic properties of C-CP fiber columns.   For example, a SPE 

medium has been generated from polyester C-CP fibers modified with polyacrylic 

acid that has the ability to bind metal ions from aqueous solution [15].  More 

recently, a novel surface modification strategy based on the adsorption of head 

group-modified PEG-lipids has been [20].  In this approach, the highly 

hydrophobic lipid tails adsorb to PP fibers, while the PEG linkers are effectively 

solvated and present the capture head group to the solute-containing stream.  

The basic concept of this immobilization chemistry was demonstrated with a 

biotinylated PEG-lipid to construct an affinity phase for the capture of streptavidin 

labeled with Texas Red (SaV-TR) for on-fiber detection.  Very high levels of 

selectivity were realized in for the capture of streptavidin-tagged proteins 

produced in a fermentation broth.   

 In this work we report the initial evaluation of IgG capture on protein A-

modified PP C-CP fibers.  A micropipette tip format has been employed as in 
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previous SPE applications (Fig. 3.1) [14-16].  This format allows for conservation 

of fiber, sample, and solvent, as well as allowing for solution introduction by 

centrifuge, providing a relatively quick and simple surface modification test bed.   

 

 

 

 
 

 
 
Figure 3.1 Photograph of a C-CP fiber tip attached to a micropipette tip with successive SEM 
cross section images of greater magnification showing a) C-CP fiber packed tip with a cross 

section diameter of 760 m (entire image width of 1.3 mm), b) zoomed in view of a C-CP fiber 

packed tip with an image of 260 m, and c) a single PP fiber with an image width of 90 m.   

 

PP C-CP fiber surfaces are modified by adsorption of native recombinant 

Staphylococcus aureus protein A (rSPA).  Optimization of the surface coating 

process and assessment of the stability of the adsorbed rSPA layer under a 

variety of common solvents and buffers is reported.  Myoglobin is used as a 

representative of modest-sized proteins that are typical of cell culture products in 

terms of unwanted binding to the stationary phase in a mixture with the target 

antibody. A BSA block step and an intermediate wash step were evaluated 

toward prevention of non-specific adsorption on the hydrophobic base fiber 
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surface. Finally, a variety of common IgG elution strategies were evaluated to 

determine the most promising means of recovery. Overall, this investigation 

provides support for the evolution toward preparative-scale protein A-modified C-

CP fiber columns as a means to minimize current bottlenecks in IgG capture and 

purification.         

 

Materials and Methods 

 

Chemicals and Reagents 

HPLC-grade ACN and methanol, acetic acid, and phosphoric acid were all 

purchased from Fisher Scientific (Pittsburg, PA).  Milli-Q water (18.2 MΩcm-1) 

derived from a Millipore water system (Billerica, MA) was used for fiber rinsing 

and preparation of all buffers and aqueous solutions. rSPA was obtained from 

Syd Labs, Inc. (Malden, MA) and was prepared to necessary concentrations 

(0.05 – 1 mg mL-1) in phosphate buffered saline (PBS) consisting of 140 mM 

NaCl, 10 mM Na2HPO4, 1.8 mM KH2PO4, and 2.7 mM KCl at pH 7.4 (Sigma 

Aldrich, Milwaukee, WI).  Stability of the rSPA-modified surface was tested with 

PBS solutions (pH 3 – 12), 100% ACN, 50% methanol, 0.01 M HCl, and 0.01 M 

NaOH.  Purified IgG from human serum and myoglobin from equine heart (Sigma 

Aldrich, Milwaukee, WI) were prepared to necessary concentrations (0.05 – 2 mg 

mL-1) individually and as a 4:1 mixture in a load buffer of 20 mM di-basic sodium 

phosphate and 150 mM sodium chloride.  BSA was obtained from Sigma Aldrich 
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(Milwaukee, WI) and prepared to a 0.2 mg mL-1 in PBS. Glycine, di-basic sodium 

phosphate, sodium acetate, and disodium citrate, all obtained from Sigma Aldrich 

(Milwaukee, WI), were evaluated as intermediate wash buffers (pH 5) and elution 

buffers (pH 3).  All solutions discussed here were tested on both the native C-CP 

fiber surface and the rSPA-modified surface to determine stability and the extent 

of interactions.   

 

C-CP Fiber Tip Construction and Preparation  

 Polypropylene (PP) C-CP fibers were manufactured by and obtained from 

the Clemson University School of Materials Science and Engineering (Clemson, 

SC).  Fiber tip construction begins by packing capillary chromatography columns 

with PP C-CP fibers that have been rinsed with ACN, methanol, and milli-Q water 

[21].  It has been previously shown that optimal macromolecule separations 

occur with C-CP fibers columns having an interstitial fraction of i ≅ 0.6 [21].  To 

achieve this value, 600 PP C-CP fibers were pulled into 300 mm, 0.8-mm i.d. 

fluorinated ethylene polypropylene (FEP) capillary tubing (Cole Parmer, Vernon 

Hills, IL).  In the studies presented here, columns were constructed with I = 

0.63, having less than 5% variability to ensure uniformity over the course of the 

experiments. After packing, capillary columns were subject to radial compression 

by manually pulling through a 0.6-mm i.d. glass capillary. The columns were fit to 

an HPLC system and further conditioned with ACN and Milli-Q water for 15 

minutes each at 1 mL min-1. The column was cut into 2.54 cm segments with an 
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additional 4 mm gap left at one end allowing for the tubing to be press-fit onto the 

end of a low-retention 1-mL micropipette tip (Redi-Tip, Fisher Scientific, 

Pittsburg, PA).  This fiber tip format has been described previously and 

successfully applied in our laboratory for SPE [14-16].  The weight of fiber 

stationary phase per 2.54-cm tip is 4.0 ± 0.1 mg.    Figure 3.1 provides 

successive viewpoints of the C-CP fiber tip structure, from the assembled SPE 

tip down to the single-fiber level.  

 

C-CP Fiber Tip Modification 

 All solution exposure to the fiber-packed tips was done through 

centrifugation spin-down at 1900 relative centrifugal force (RCF) (Clinical 50, 

VWR, West Chester, PA) for 1 to 4 minutes, depending on the fluid volume 

applied. The PP C-CP fiber tips were first equilibrated with 1 mL PBS at pH 7.4. 

In determining an optimal load concentration, rSPA solutions were made in a 

range of 0.1 mg mL-1 to 1 mg mL-1 and loaded in 0.1 mL aliquots.  In determining 

an optimal load volume, 0.1 mg mL-1 rSPA was loaded in 0.1 mL – 1 mL aliquots.  

rSPA load volumes were cycled through tips four times to ensure uniform surface 

modification.  Lastly, PBS was applied as a wash step in an equal volume to that 

of the rSPA load step.  After modification, tips were stored individually in PBS 

and kept at 2 – 6 °C.  The chemical stability of the rSPA surface was evaluated 

by spinning 0.9 mL of the various test solutions through tips, with the results 
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reported as percent rSPA removed.  Each tip was used within one week of 

modification.        

 

Capture and Elution of IgG 

 Initially, individual 0.1 mL solutions of 0.1 mg mL-1 IgG and 0.1 mg mL-1 

myoglobin were centrifuged through native and rSPA-modified PP C-CP fiber tips 

for comparison.  The surface-blocking step involved passing of 0.9 mL of 0.2 mg 

mL-1 BSA through the tips. The above process was repeated with a 4:1 

IgG:myoglobin mixture.  Intermediate wash buffers were evaluated with 1.8 mL 

volumes via centrifugation.  The wash buffers included 0.1 M loading buffer, 0.5 

M sodium acetate, and 0.5 M sodium citrate.  Six IgG elution buffers were 

examined, with 0.9 mL of each buffer initially centrifuged through tips. The elution 

buffers included 0.1 M acetic acid, 0.1 M glycine, 0.5 M sodium acetate, 0.1 M 

disodium citrate, and 0.1 M citric acid buffer.  Cleaning-in-place 

(CIP)/regeneration was evaluated with 0.01 M NaOH + 1 M NaCl.     

 

Protein Quantification 

 Solutions centrifuged through the C-CP fiber tips were collected 

individually.  UV-Visible absorbance response functions for rSPA, IgG, 

myoglobin, and BSA were used to determine protein concentrations in these 

solutions.  Measurement was done with a Tecan GENios absorbance microplate 

reader (Tecan US, Inc. Durham, NC) utilizing a Costar UV-transparent 96-well 
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microplate.  The amount of protein adsorbed to the fiber surface was calculated 

by subtracting the concentration observed in the load and wash volumes from the 

initial concentration of the load volume.  The absorbance of rSPA was 

determined at 230 nm, BSA was determined at 280 nm, and the absorbance of 

the individual IgG and myoglobin solutions were determined at 280 and 405 nm, 

respectively.  In order to determine the individual protein concentrations in a 4:1 

IgG:myoglobin mixture, an absorbance ratio method was employed involving the 

simultaneous solving of Beer’s Law with two equations and two unknowns. For 

this method, the ratio of absorbance of the analytes at the isoabsorptive point 

(where they both absorb, 280 nm), and the absorbance maximum of one of the 

components (myoglobin, 405 nm) was evaluated to determine their individual 

concentrations in the mixture.  This calculation utilizes Beer’s law and the 

following formula: 

CIgG =
((A1)(ay2) − (A2)(ay1)(b))

((ax1)(ay2) − (ay1)(ax2)(b2))
 

Cmyo =
((A2)(ax1) − (A1)(ax2)(b))

((ax1)(ay2) − (ay1)(ax2)(b2))
 

Where,  

CIgG = concentration of IgG                     A1 = absorbance of mixture at 280 nm  

Cmyo = concentration of myoglobin          A2 = absorbance of mixture at 405 nm 

b = cell path length                        ay1 = absorptivity of myoglobin at 280 nm 

ax1 = absorptivity of IgG at 280 nm         ay2 = absorptivity of myoglobin at 405 nm 
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ax2 = absorptivity of IgG at 405 nm  

 

Results and Discussion 

 

Initial rSPA adsorption considerations 

 For all of these demonstration experiments, centrifugation was used to 

flow solution through the fiber tips as it allows for uniform flow through the fiber 

channels, yielding a more homogenous and reproducible surface modification 

than manual aspiration [15].  It is also advantageous because of parallel 

processing, allowing several tip constructs to be run at once.  Two of the more 

basic considerations prior to quantitative determinations and evaluations of 

different chemistries is the assurance that all protein A binding is taking place on 

the fibers and understanding the kinetic trade-offs in the solution processing 

steps.  In order to investigate the extent of protein A adsorption to the tip 

structural materials, rSPA was passed through a segment of empty FEP tubing 

affixed to a micropipette tip as well as a tip with no tubing present.  In both cases, 

100% of the rSPA was collected in the flow through, verifying no adsorption of 

rSPA to the tip assembly.   

As with any adsorptive process in a flowing stream, there is a relationship 

between transit (exposure) time and the amount of ligand that can be transferred 

to the substrate surface.  Initial adsorption studies involved passing 0.1 mL of a 

0.1 mg mL-1 rSPA solution, effectively exposing the C-CP fiber tip to 10 µg of 
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protein across a range of centrifugation speeds.  Optimum adsorption was found 

at maximum speed of this centrifuge, 1900 RCF; thus the fastest solution flow 

rate and shortest residence time.  This is a counterintuitive result, as one would 

expect that longer exposure times would allow greater surface accumulation. 

However, the favorable mass transfer and high throughput properties of C-CP 

structures lead to optimal adsorption at the highest linear velocities.   

Studies of protein surface adsorption under conditions of high shear ( = 

linear velocity/channel gap) clearly indicate that adsorption rates and surface 

ordering increase as shear increases [22-24].   In practice, diffusion layer 

thicknesses decrease with 1/3 [25].  Previous protein separations on C-CP fiber 

columns reflected no loss in recoveries, nor diminished chromatographic 

performance, at linear velocities up to 75 mm s-1, equating to shear rates of 

75,000 s-1 [13].  The shear rates realized in this centrifugation processing 

(~10,000 – 50,000 s-1) are far greater than are present in packed bed or 

monolithic columns.  Here in lies the advantages of the basic C-CP column/tip 

structure; short diffusion distances to non-porous surfaces where convective 

diffusion (as found in monolithic materials [26,27]) likely controls mass transport 

[28]. While greater surface order has been documented under conditions of high 

shear, it is also clear that adsorption at low linear velocities (and thus longer 

exposure times) would increase the tendency for proteins to denature on the 

hydrophobic surfaces, limiting molar surface coverage and likely perturbing 

capture efficiencies.  
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Replicate adsorption experiments at the maximum centrifugal velocity at 

an rSPA concentration of 0.1 mL of 0.1 mg mL-1 resulted in initial capacities of 

4.08 ± 0.40 µg per PP C-CP fiber tip (fiber mass = 4.0 mg, void volume = 8 L) or 

~1 g mg-1 fiber.  As might be expected based on the discussion above, 

narrowing of the inter-fiber spacing should improve the loading.  As employed in 

microbore HPLC separations [21], radial compression of the fiber-packed 

microbore tubing results in more uniform packing as well.  Radial compression 

applied before cutting the 2.54 cm tips results in a reduction of the interstitial 

fraction by ~10% (relative), yielding a void volume of ~7 L.  After radial 

compression, the amount of rSPA adsorbed per tip was determined to be 4.21 ± 

0.08 µg (~1.1 g mg-1 fiber), a slight increase in adsorption.  Perhaps more 

importantly much improved reproducibility, from 9.8 %RSD down to 1.9% RSD, 

was realized.       

 

Optimization of rSPA adsorption 

 To evaluate the maximum amount of rSPA adsorption onto the C-CP fiber 

tip surface, and hopefully IgG by extension, rSPA was loaded at various volumes 

and concentrations.  The ~4 µg of protein adsorbed on 2.54 cm-long tips 

described in Section 3.1 agrees well with previous studies performed on 1 cm-

long tips having “binding capacities” of ~1.5 µg for a range of proteins [29].  

However, effects of increasing volume while retaining concentration and vise 

versa have not been evaluated for C-CP fibers.   The relationship between the 
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extent of load rSPA concentration and eventual protein adsorption was first 

evaluated.  In this case, no significant trend was observed as concentration was 

increased from 0.1 mg mL-1 to 0.8 mg mL-1 when the volume is kept constant at 

0.1 mL.  This is explained through the rapid passage of fluid through the C-CP 

fiber channels in a matter of a few seconds.  Even with higher- concentration 

solutions, the flow (residence) time through the tip is not sufficiently long to yield 

greater levels of adsorption.  Adsorption equilibrium considerations may also play 

a role in the lack of concentration dependence.  Simply, the adsorption isotherm 

may have already reached its maximum at the lowest concentration and so has 

already met the maximum column efficiency for the fixed volume [30].  

The alternative means to increase the amount of protein available to the 

C-CP fiber tips is to increase the load volume at the same protein concentration.  

Figure 3.2 shows the relationship between the protein adsorption and rSPA load 

volume when the concentration is kept constant at 0.1 mg mL-1.  As volume is 

increased from 0.1 mL to 1.2 mL, there is a significant increase in the amount of 

protein adsorbed.  With increasing volume, the centrifugation (residence) time 

required for the entire solution to pass through the tips increases from 1 to 6 

minutes, as such the time that the fibers are continuously wet by the load solution 

increases.  The data in Fig. 3.2 clearly show that the adsorption processes are 

more favorable using a modest concentration with higher volumes.  For example, 

the amount of protein A adsorbed for 0.8 mL of 0.1 mg mL-1 yields >3X higher 

loading than 0.1 mL of 0.8 mg mL-1.    
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Figure 3.2 rSPA adsorption in g protein per mg of PP C-CP fiber as a function of the load 
volume for a constant protein concentration of 0.1 mg mL

-1
. 

 

 A somewhat surprising behavior is seen at load volumes of greater than 0.7 mL, 

where there is a definite loss in tip-to-tip binding precision and reproducibility and 

a rollover in binding capacity at volumes above 0.9 mL.  When loading above this 

volume, the flow through time increases to ~6 min.  With this increased time it is 

likely that the extent of protein relaxation and denaturing onto the hydrophobic 

PP surface begins to decrease the surface ordering and limits the available 

adsorption area.  The decreased reproducibility is likely also reflective of this 

effect.  The maximum rSPA adsorption is observed at a loading of 0.9 mL of 0.1 

mg mL-1 rSPA.  In this case, exposing 90 µg of protein to the fiber surfaces 

resulted in binding 17.1 ± 1.8 µg rSPA or 4.24 ± 0.44 µg mg-1 fiber for 6 replicate 
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tips, equating to a bed-volume binding capacity of 5.7 mg mL-1.  In terms of rSPA 

ligand capacity, this value is in very good agreement with literature values for 

other IgG purification phases, generally reporting recombinant protein A 

capacities of 1-6 mg mL-1 of bed volume [8,31,32].  

 

Stability of adsorbed rSPA on C-CP fiber phases 

 A key issues in the bioprocessing of IgG using protein A affinity 

chromatography columns is the ability to purify multiple cycles of cell lysate on 

the same bed, ensuring successful regeneration without loss of capacity and no 

leakage of protein A from the support [33-35].  While an extensive cycling life 

time study is certainly warranted, it is informative to evaluate the rSPA-modified 

surface under solvent conditions common in HPLC and SPE methods as well as 

common IgG elution buffers.  The stability of fiber-bound rSPA under several test 

solvents in shown in Table 3.1.  As expected, the rSPA surface remains robust 

over a wide pH range, with no measurable leakage across pH 3 – 12.  Likewise, 

acetic acid, citrate, acetate, and phosphate solutions of pHs commonly employed 

in IgG elution showed no protein A leaching. Of particular importance, wash 

solutions containing 1.0 M NaCl and 10 mM NaOH, most commonly used in CIP 

strategies, result in no ligand loss.  The surfactant Tween 20 has been used as a 

washing agent to reduce non-specific binding of HCPs to affinity surfaces, but 

was disruptive to the rSPA surface even in low concentrations.  Of other possible 
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IgG elution solvents examined, 0.1 M glycine, pH 3 and 0.01 M HCl caused rSPA 

to be removed. 

 

Table 3.1 Stability of rSPA-modified surface under a variety of test solvents.  Percentage 
removed reflects 0.9 mL of each solvent centrifuged through n = 6 tips. 

Solvent 
Adsorbed rSPA 

removed (%) 

0.1 M Acetic Acid, pH 3 --* 

50 % ACN -- 

50% Methanol 30.5 ± 7.9 

0.01 % Tween 20 65.4 ± 13.1 

PBS, pH 3 - 12 -- 

1 M NaCl -- 

10 mM NaOH -- 

0.1 M Citrate Buffer, pH 3 -- 

0.1 M Sodium Citrate, pH 3-5 -- 

0.5 M Sodium Acetate, pH 3-5 -- 

0.1 M Sodium Phosphate, pH 5-7 -- 

0.1 M HCl 19.8 ± 8.7 

       * - no rSPA detected in elution solvent.   

 

  These results set a preliminary working space wherein there exist a number of 

potential intermediate wash and IgG elution solvents that will not appreciably 

cause rSPA elution from the PP C-CP fiber supports.  

 

Adsorption of IgG and Myoglobin to native and rSPA-modified fibers  

 An obvious progression in evaluating species-specific surface interactions 

begins with an assessment of non-specific binding to the underlying support. In 

this case, myoglobin was chosen to simulate the potential effects of unwanted 

HCPs and other components of a broth supernatant. In these initial studies, it 
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was not critical to achieve the full binding capacity of the fiber surfaces, so the 

various loadings were performed with 0.1 mL of 0.1 mg mL-1 single component 

solutions of IgG and myoglobin. Table 3.2 presents the amount of the individual 

proteins adsorbed to the native PP C-CP tips as well as to the rSPA-modified C-

CP tips.   

 

Table 3.2  Amount of IgG and myoglobin adsorbed (10 µg exposure, individually) onto 
unmodified and rSPA-modified PP C-CP fiber tips 

Analyte Native PP (µg/mg) rSPA-modified PP (µg/mg) 

IgG 1.88 ± 0.05 1.82 ± 0.05 

Myoglobin 1.38 ± 0.06 0.24 ± 0.03 

 

As would be expected based on previous studies [29], both species adsorbed to 

the native PP fibers, as the hydrophobic PP surface readily adsorbs 

biomolecules in what would be called a non-specific way.  The importance here 

is that when loaded onto the rSPA C-CP tips, a large disparity exists.  In the case 

of the IgG, the amount of protein adsorbed is essentially unchanged, whereas 

there is a dramatic decrease in the amount of myoglobin retained on the tips.  

While the amount of IgG adsorbed remained the same, this is likely the maximum 

amount of IgG able to be captured solution (~7.5 µg/ 10 µg), and later results 

reflect a much higher adsorbed amount on rSPA-modified tips when more IgG is 

available.   The reduced myoglobin retention on the protein A-modified surface is 

not surprising, with the amount that is retained perhaps being a reflection of 
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extent of the incomplete surface rSPA coverage, leaving exposed PP surfaces 

for myoglobin encroachment.  However, it is more likely that there is some 

component of protein-protein (myoglobin-protein A) interactions, contributing to 

the total myoglobin retention.  The consistent level of IgG binding on the rSPA 

surface seems to reflect a rather homogeneous protein A coverage.   

At this point, it is clear that a fair level of selectivity would be achieved 

simply by impeding myoglobin retention.  Indeed, an interesting situation occurs 

when the test solution is an equimass mixture of IgG and myoglobin, which would 

be an extreme case in bioprocesses.   The protein concentrations were kept at 

0.1 mg mL-1 with a 0.1 mL loading volume for both the native PP and rSPA-

modified fibers.  As presented in Table 3.3, the amount of IgG captured on the 

native fibers is essentially unchanged from the single-protein case, but there is 

slight decrease myoglobin binding (~22% by mass).  This generally suggests a 

competitive binding situation wherein the IgG, which is far more hydrophobic and 

occupies more areal space, inhibits surface approach/retention at the native fiber 

surface.  

 

Table 3.3 Amount of IgG and myoglobin adsorbed (as a mixture of 10 µg each) onto unmodified 
and rSPA-modified PP C-CP fiber tips 

Analyte Native PP (µg/mg) rSPA-modified PP (µg/mg) 

IgG 1.97 ± 0.04 1.98 ± 0.14 

Myoglobin 1.16 ± 0.003 0.26 ± 0.05 
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 As would be expected, by extension, the retention data for the mixture 

exposed to the rSPA-modified fibers reflects a situation where there is 

statistically little change in the IgG binding (relative to Table 3.2), yet the 

myoglobin retention is effectively the same as the single component case as 

shown in Table 3.2 (both appreciably reduced relative to the native fiber cases).  

Thus a situation is presented where there is perhaps access to the PP fiber 

surface, which results in surface binding of myoglobin in the presence of the 

rSPA layer, or indeed non-specific binding to the protein ligand.  The retention of 

host proteins (surrogates here) means that there must either be better exclusion 

from being retained on exposed fiber surfaces or that highly effective wash steps 

must be implemented.   

 

 BSA block step  

 We have demonstrated that IgG adsorbs to the native PP as well as to the 

rSPA-modified PP, and so the issue arises as to the potential extent that IgG (or 

HCPs) is adsorbing non-specifically to unmodified regions of the fiber surface.  In 

an attempt to investigate this, a BSA block step was implemented after rSPA 

adsorption to potentially “fill in” any remaining native areas of the fiber surface 

[36,37].  “Overloading” the rSPA surface with BSA was performed with 0.9 mL of 

a 0.2 mg mL-1 solution (180 µg total protein).  On average, ~14 µg, or 3.5 g mg-

1, BSA adsorbed to the fiber surface, which in fact is greater than the average of 

~9 g, or 2.3 g mg-1, BSA that adsorbs to the bare PP fibers.  Thus, as 
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suggested in the myoglobin retention on the rSPA-modified tips, there is indeed 

appreciable non-specific binding to protein A itself.  Indeed, BSA is known to be 

highly absorptive to a wide variety of surface types (e.g., hydrophobic and 

hydrophilic), with the variety of pathways and modalities being primary 

complicating features in surface treatment approaches [36,38,39].   

 To demonstrate the effect of the BSA blocking step on the adsorption of 

IgG and myoglobin, a 1:1 IgG:myoglobin mixture was passed through rSPA and 

BSA-modified tips and compared with passing the mixture through tips without 

the block.  Again, the protein concentrations were kept at 0.1 mg mL-1 with a 0.1 

mL loading volume.  As shown in Table 3.4, the amount of IgG adsorbed 

remained the same regardless of the fact that the BSA block was applied.   

 

Table 3.4 Amount of IgG and myoglobin adsorbed (as a mixture of 10 µg each) onto rSPA-
modified C-CP fibers with and without the addition of a BSA block step (13.3 ± 1.7 µg or 3.32 ± 
0.43 µg/mg fiber adsorbed) 

Analyte Without Block (µg/mg) With Block (µg/mg) 

IgG 1.98 ± 0.14 1.87 ± 0.01 

Myoglobin 0.26 ± 0.05 0.32 ± 0.01 

 

This further supports the idea that there is no non-specific binding of IgG to the 

fiber in the presence of protein A.  However, unlike an expected decrease, the 

amount of myoglobin adsorbed remained the same, despite the use of the BSA 

block.  Because most (if not all) of the PP fiber surface is modified with protein A 

and BSA, this further suggests that it is likely that myoglobin holdup is the result 
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of protein-protein interactions between myoglobin, protein A, and/or BSA.  A 

recent presentation by Przybycien et al. provided evidence that non-specific 

binding of proteins to protein A is quite prominent [40].  Clearly, this general sort 

of non-specific binding must be addressed in a complete processing cycle in 

order to isolate IgG in high purity.   

 

Binding capacity and isolation of IgG on rSPA C-CP fiber tips    

 Protein A contains five homologous domains for antibody binding, with two 

or three binding sites usually showing greater specificity for IgG.  The 

stoichiometric relationship between IgG and protein A has been determined 

experimentally with varying results based on the subclass of IgG and the 

experimental parameters, with the general result of 3 – 3.3 molecules of IgG 

bound per molecule of protein A [41,42].  Covalent coupling of protein A to 

chromatography supports and sorbents usually occurs without restricting access 

to the active sites for IgG capture based on stoichiometric capture characteristics 

[43,44].  To evaluate this relationship, it was projected that, based on a binding 

stoichiometry of 3:1, the optimal rSPA adsorption of ~17 µg per C-CP fiber tip 

assembly should effectively bind ~140 µg of IgG.  To utilize a more cell culture-

relevant IgG concentration, 0.9 mL of 0.2 mg mL-1 was loaded, exposing 180 µg 

of IgG to each tip, with a 4:1 IgG:myoglobin (45 µg myoglobin) ratio employed to 

better reflect cell culture-relevant HCP concentrations [45].  Across this set of 

tests, 132.1 ± 5.9 µg of IgG (33.0 ± 1.5 g mg-1 fiber) was captured, yielding a 
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protein/ligand stoichiometry of 2.9:1.  Some myoglobin (10.0 ± 0.68 µg or 2.5 ± 

0.17 g mg-1 fiber) still adsorbed to each tip, despite the use of a block step, 

presumably through protein-protein interactions of myoglobin with BSA and/or 

protein A.   

Intermediate wash steps are often used in purification protocols to remove 

unwanted cell proteins before IgG elution is performed [46].  Effective 

intermediate wash steps typically involve a buffer whose pH must be low enough 

to remove contaminants and unwanted HCPs but not so low as to begin to elute 

IgG (e.g., pH = 4-7).  Figure 3.3 presents the recovery characteristics of the HCP 

surrogate myoglobin, as well as the target IgG, following wash steps involving 

passage of 1.8 mL volumes through the IgG:myoglobin exposed tips.  The 

simplest option, of lowering the pH of the IgG loading buffer (20 mM di-basic 

sodium phosphate:150 mM sodium chloride) to 5, did not remove any myoglobin.  

Use of 0.5 M sodium acetate (pH = 5) resulted in a 39.3 ± 9.5% release of the 

adsorbed myoglobin, but at the cost of eluting 19.3 ± 7.9% of the bound target 

IgG.  Use of 0.5 M sodium citrate (pH = 5) showed an even higher efficiency of 

68.3 ± 9.4% removal, without any IgG leakage.  Ultimately 0.5 M sodium citrate 

at pH = 4 demonstrated the ability to quantitatively remove myoglobin without any 

measureable loss of IgG.  

 

 



 79 

 

 

 

 

 

 

 

 

 

 
Figure 3.3 Percentage of adsorbed myoglobin and IgG removed from rSPA-modified C-CP fiber 
tips with the passage of 1.8 mL of different wash solvents.  

 

 IgG elution and recovery  

 There are many different elution solvents used throughout published 

protein A affinity chromatography studies [8,9,31,41,47,48]. In each case, there is 

always a consideration about the relative IgG recovery versus the potential of 

protein A column bleed.  Most commonly, low pH is used alongside salts or other 

additives that prevent protein aggregation [47].  To ensure that leaking of rSPA 

off the C-CP fiber surface does not occur, only those IgG elution buffers that did 

not disrupt the rSPA-PP interaction as presented in Table 3.1 were examined 

here.   Five elution buffers (0.1 M glycine, 0.5 M sodium acetate, 0.1 M sodium 

citrate, 0.1 M citric acid buffer, and 0.1 M acetic acid were evaluated initially by 
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passing 0.9 mL aliquots through the IgG-captured tips.  The relative recoveries of 

each are presented in Fig. 3.4.  Ultimately, the highest recovery was achieved 

using four times the loading volume (3.6 mL) of 0.1 mL acetic acid.  This volume 

of eluent was capable of removing 117.8 ± 4.9 µg of IgG, corresponding to an 

89.0 ± 4.6% recovery.  Due to the use of the intermediate wash buffer, no 

myoglobin was seen in the elution volume. 

 

 

 

 

 

 

 

  

 

 

 

 

 

Figure 3.4 Percentage of adsorbed IgG eluted from rSPA-modified C-CP fiber tips with the 
passage of 3.6 mL of different solvents. 
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Certainly, the recoveries found here have room for improvement as the system is 

scaled up to a chromatographic platform.  In addition, due to the acidity of the 

elution buffer, and because salts and detergents (i.e. urea, Tween-20) were 

unable to aid in elution, an immediate neutralization of the elution pool into a Tris-

based solution or other basic buffer is necessary to prevent possible denaturation 

or aggregate formation [49-51].  This step is not out of line with what is commonly 

employed on other protein A phases.   

 

Column Cleaning and Regeneration 

 With the high cost of commercial protein A resins, it is typical that a 

column is reused for many cycles of cell culture supernatant purification.  To be 

able to reuse a column, however, residual IgG and other contaminants must be 

removed between cycles, commonly referred to as clean in place (CIP).  CIP is 

most often affected with a low concentration of NaOH, which is inexpensive and 

easy to use [45,52].  The addition of NaCl to the caustic solution is thought to 

stabilize the immobilized protein A ligand and may also weaken ionic 

interactions. As depicted in Fig. 3.2, the rSPA surface is stable to a concentration 

of 0.01 M NaOH, though higher concentrations did lead to some leaching.  As an 

initial investigation into the efficacy of this regeneration procedure, 3.6 mL of 10 

mM NaOH + 1 M NaCl (effectively ~300 bed volumes) was used to 

clean/regenerate the r-SPA tips between immobilization/recovery cycles.  Three 

tips were taken through the entirety of the r-SPA immobilization, BSA blocking, 
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and 4:1 IgG:myoglobin exposure steps.  The average IgG binding was 105.7 ± 

2.5 g (26.4 ± 0.63 g mg-1 fiber), with an average of 10.1 g (2.5 g mg-1 fiber) 

of myoglobin initially retained.  The myoglobin washes occurred with unit 

efficiency, and the average IgG recovery was 89.2 %.  The caustic wash 

removed 100% of the remnant IgG from two of the tips, while for the third only 

~90% was removed. Subsequent washing of the structures with PBS and 

exposure to the IgG:myoglobin mixture revealed no loss in capacity for the first 

two tips (averaging 105.4 g).  In the case of the third tip, the amount of IgG 

captured, plus that remaining from the CIP step, was 105.8 g.  Thus, there was 

no loss in the actual IgG binding capacity following the caustic treatment.  These 

results suggest that with full contaminant (residual IgG, HCPs) removal, the rSPA 

C-CP fiber surface retains 100% of its IgG binding capacity.  

 

Concluding remarks 

 The results of this initial proof-of-concept work illustrate the potential of a 

novel protein A affinity chromatography support/stationary phase capable of 

recovering IgG from mixtures. Polypropylene C-CP fibers provide a stable and 

robust surface for adsorption of a recombinant protein A ligand, with a ligand 

capacity of 5.7 mg mL-1 (bed volume).  As expected, binding stoichiometry of 

pure IgG to the protein A surface was found to be ~3:1.  Elution of IgG resulted in 

89% recovery and regeneration of the rSPA C-CP fibers in caustic media did not 

result in a loss in IgG capacity.  It has already been shown that C-CP fibers yield 
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a highly advantageous chromatographic stationary phase due to very effective 

fluid movement, rapid mass transfer characteristics, and high recoveries.  In 

comparison to currently available protein A resins, the C-CP fiber tips suggest 

possibilities for faster, more efficient antibody purification processing and 

ultimately, based on the cost of materials and high productivity a significant 

reduction in the cost of downstream processing.  

  While the micropipette tip format affords a very simple and versatile 

platform for initial investigations of C-CP fiber phase chemistries and basic 

performance characteristics, much work remains relative to implementation on 

scales of relevance to commercial applications.  At this point, there are no 

immediate performance characteristics that would make further investigations 

unreasonable.  Activities toward scale-up will include evaluations of the roles of 

fiber interstitial fraction and mobile phase linear velocity on the various 

adsorption, capture, and elution processes.  There will certainly be finer tuning of 

the various process chemistries.  As recently evaluated for protein processing via 

ion exchange on nylon 6 fiber columns, the throughput, yield, and productivity of 

IgG isolation from cell media will need to be determined [53].  Finally, the 

robustness of the chromatographic medium must be rigorously determined 

through isolation/recovery/regeneration cycles including any necessary CIP 

steps.   It is believed that the basic transport properties of the C-CP fiber format, 

along with straightforward chemistries, offer practical advantages over current 

commercial formats. 
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CHAPTER FOUR 

HEAD GROUP-FUNCTIONALIZED POLY(ETHYLENE GLYCOL)- 

LIPID (PEG-LIPID) SURFACE MODIFICATION FOR HIGHLY  

SELECTIVE ANALYTE EXTRACTIONS ON CAPILLARY- 

CHANNELED POLYMER (C-CP) FIBERS 

 

Introduction 

 Polymeric stationary phases, specifically fiber-based polymers, have been 

under investigation for over fifty years for the separation of ions, small molecules, 

and macromolecules by high performance liquid chromatography (HPLC).1-7  

These polymeric phases generally offer common benefits over more widely 

applied porous silica-based HPLC stationary phases, including chemical 

robustness and ease of chemical derivatization.3, 4, 8-12  In a fiber format, 

additional features include improved mass transfer due to their nonporous nature 

and convective diffusion throughout the column structure.7, 13  

The specific polymer fiber form investigated here for applications in 

HPLC5, 14-18 and solid phase extraction (SPE)19-22 is the capillary-channeled 

polymer (C-CP) fiber.  C-CP fibers are effectively non-porous (relative to the size 

of proteins), having average diameters of 35 - 50µm, and a very unique shape 

that includes 8 channels (Fig. 4.1a).  These channels promote a self-alignment of 

the fibers when packed into an HPLC column (Fig. 4.1b), which results in a 

distribution of micron-sized open channels that run the length of the column.  C-
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CP fibers have 2-3x more surface area in comparison to circular cross section 

polymer fibers of the same nominal diameter.14  The capillary channels of the C-

CP column are very efficient at fluid transport, allowing for traditional HPLC 

column sizes to be operated at linear velocities of > 50 mm s-1, while maintaining 

back pressures of < 2000 psi5 without penalties of van Deemter C-term 

broadening.18, 23   As a result, these C-CP columns provide for high throughput 

and high efficiency separation of biomacromolecules such as proteins.24 

 

 
Figure 4.1 (a) Scanning electron micrograph (SEM) image of a C-CP fiber.  (b) Image of a 
packed column of C-CP fibers demonstrating interdigitation.  (c) Assembled C-CP fiber SPE tip 
format. 
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C-CP fibers used for macromolecule separations include nylon-6,25, 26 

polyester (PET),6, 17 and polypropylene (PP),18 allowing for applications in 

reversed phase (RP), ion-exchange (IEC), hydrophobic interaction (HIC) and 

affinity chromatography modalities.  However, recent research has focused on 

the ability to modify the surface of the C-CP fibers, allowing for more specific 

analyte-surface interactions.20, 27  There is a rich literature in the modification of 

polymer surfaces to affect chemical selectivity.28, 29  Generally, most surface 

modifications found in textile chemistry literature can be achieved through active 

end group generation, including aminolysis, hydrolysis, and exposure to strong 

bases (i.e. NaOH or permanganate).30-34  These straightforward approaches can 

produce high densities of –COOH, -NH, -OH, -CONH on the fiber surface for 

either analyte interaction or further modification under mild ambient conditions.  

However, these approaches to fiber modification are detrimental to the physical 

structure of fibers by breaking down the basic polymer/fiber backbone.35 A more 

generalized approach, while still yielding high specificity and not compromising 

fiber integrity, would be desirable.   

The on-column approach to functionalization reported here involves the 

simple adsorption of head group-functionalized poly(ethylene glycol) (PEG)-

lipids, which are prominent in biologically-based research,36-48 to the C-CP fiber 

surface.  These amphipathic molecules (shown generically below) have been 

used in diverse applications including diagnostic assays,45 coatings on 

hydrophobic nanoparticles,41 and lipid bilayer modification of capillary 
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electrophoresis (CE).38, 47, 48 The commercial availability of these functionalized 

PEG-lipids provides access to many potential surface modifications using one 

basic approach.  Examples of common head groups include amines, carboxylic 

acids, maleimide, cyanur, and biotin. The use of functionalized PEG-lipids as 

means of modifying polymer surfaces for selective capture has not been 

described previously.  

 

 

 

 

We demonstrate here the surface modification of PP C-CP fibers, using 

functionalized PEG-lipids to impart significantly greater selectivity than 

hydrophobic interactions between biomolecules and the fiber surface alone. C-

CP fibers were modified with a biotin-PEG-lipid for the capture of streptavidin 

labeled with Texas Red (SaV-TR).  In this case, the fluorescence intensity of 

Texas Red acted as a measure of streptavidin binding. Isolation of SAv-TR from 

an E. coli whole cell lysate from cells expressing recombinant tumor endothelial 

marker l 8 as an N-terminal fusion with a monomeric Citrine fluorescent protein 

(TEM8-mCit) demonstrates the efficacy of biotin-PEG-lipid C-CP fibers for 

extraction of target species from complex media.  The diversity of functionalized 

lipid head groups, and further derivatization allowed by these headgroups, 

suggests broad chemical applicability to a variety of biomolecular recognition 
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moeities.  It is envisioned that this approach can be implemented in many 

different formats, ranging from clinical diagnostics on fiber tips to C-CP fiber 

columns used in preparative chromatography.  In fact, it is believed that this 

methodology could be implemented on virtually any hydrophobic support surface 

(e.g., polystyrene-divinyl benzene (PS-DVB)) to affect species-specific capture. 

 

Experimental section 

Chemicals and Reagents 

 PEG-lipids modified to contain either a biotin (1,2-Dimyristoyl-sy-Glycerol-

3-phosphoethanolamine-N-[biotinyl (polyethylene glycol)-2000]) or  methoxy (1,2-

Dimyristoyl-sy-Glycerol-3-phosphoethanolamine-N-40) head group (biotin-PEG-

lipid, OMe-PEG-lipid), were purchased from Avanti Polar Lipids (Alabaster, AL).  

5 µg mL-1 of each lipid were prepared in a 50:50 ethanol:water solution.  Ethanol 

was obtained from Fisher Scientific (Pittsburgh, PA) and MilliQ water (18.2 MΩ 

cm-1) was derived from a NANOpure Diamond Barnstead/Thermolyne Water 

System (Dubuque, IA).  Bovine serum albumin (BSA) was obtained from Sigma 

Aldrich (Milwaukee, WI) and prepared to 5 µg mL-1 in phosphate buffered saline 

(PBS) consisting of 140 mM NaCl, 10 mM Na2HPO4, 1.8 mM KH2PO4, and 2.7 

mM KCl at pH 7.3 (Sigma Aldrich).  Two fluorescent proteins were utilized: 

streptavidin labeled with Texas Red (SAv-TR) (SouthernBiotech Birmingham, AL) 

was employed as the capture species on the PP C-CP fiber surfaces modified 

with biotin-PEG-lipid, and mCitrine (as TEM8-mCit), purified and in clarified cell 
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lysate, was used to assess non-specific binding.  TEM8-mCit was expressed 

using T7 express, a BL21 strain of E. coli.  Cells were grown in 1L of ECPM1 at 

37 °C.  Cells were induced at 37 °C with 0.8 mM IPTG for 3 hours.  The cells 

were pelleted to remove the spent media and frozen in a -80 °C freezer.  When 

ready to use, the pellet was re-suspended in approximately 20 mL 50 mM 

phosphate, 300 mM NaCl, 10 mM imidazole, and 0.1% Tween-20,pH 7.8-8).  The 

solution was then lysed and sonicated briefly to reduce viscosity.  The lysate was 

centrifuged to provide a cleared supernatant with minimal remaining cell debris.  

The concentration of TEM8-mCit in this cleared cell lysate (termed TEM8-mCit 

lysate) was determined, using a Nanovue Spectrophotometer (GE Healthcare, 

Little Chalfont, UK) at 516nm, to be ~14 nM. To yield purified TEM8-mCit 

(containing a hexahistidine tag), supernant was loaded onto a His column, and 

protein was eluted with 20-40 mM imidazole. The eluted protein was further 

purified by SEC and finally concentrated to 1 mL.  The concentration of purified 

TEM8-mCit was determined to be ~200 nM.  SAv-TR solutions were prepared in 

PBS solution or 0.1% Tween-20 (Rockland-inc.com, Gilbertsville, PA) PBS 

(PBST) solution.  Experiments performed to illustrate non-specific binding of 

TEM8-mCit and selective capture of SAv-TR to the biotin-PEG-lipid fiber surface 

utilized protein concentrations of 0.4 µg/mL (~14 nM) in PBST or in the lysate. 

 

C-CP Fiber Tip Preparation and Functionalization  
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The procedure for preparing microbore C-CP fiber columns, and 

subsequent implementation as SPE tips has been described previously.19-21  

Previous research has shown that interstitial volumes of i ≈ 60% (based on 

uracil retention) are optimal for macromolecule separations.49   In this case, a 

total of 658 PP fibers were pulled to extend entirely through 300 mm long, 0.8 

mm i.d. fluorinated ethylenepropylene (FEP) capillary tubing (Cole Palmer, 

Vernon Hills, IL), referred to here as the fiber column.  The initial fiber column 

format is mounted in-line with an HPLC pump to clean the fibers from latent spin 

finish from the fiber extrusion and winding processes. To minimize chemical use 

in these demonstrations, the fiber column was segmented to 1 cm and the fibers 

used in a tip format. Following cleaning, the column was cut into 1 cm lengths 

with an additional 6 mm gap at one end. This gap allows the FEP tubing to be 

press-fit on to the end of the commercial low-retention micropipette tip (Redi-tip, 

Fisher Scientific, Pittsburgh, PA) as described previously,19, 20 (Fig 4.1c).  

Lipid solutions were prepared in a 50% water:ethanol solvent, balancing 

their solubility with the tendency for surface adsorption.  After conditioning the 

tips with 1 mL 50% water:ethanol, 1 mL aliquots of the lipid solutions (biotin-

PEG-lipid and OMe-PEG-lipid)  were passed through at 1500 relative centrifugal 

force (RCF) (Clinical 50, VWR, West Chester, PA) for 2-3 minutes.  This 

approach allows for the solvents to pass uniformly through the fiber interstices so 

that surface modification can occur homogenously.  As noted above, chemical 
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modification of complete fiber columns would increase the fiber functionalization 

throughput.   

 

Experimental Outline 

Each experiment utilized three different fiber columns: an analyte specific 

column (modified with biotin-PEG-lipid), a control column (modified with OMe-

PEG-lipid), and a bare PP column.  Columns were first conditioned with 1 mL 

PBS or PBST, depending on the experiment.  Initially, 1mL of the BSA solution 

was passed through the tips to presumably inhibit the adsorption of analyte, or 

other proteins, to the bare PP due to non-specific hydrophobic interactions.  As 

seen, this “block” may be unnecessary if optimal PEG-lipid surface coverage is 

achieved.  After a buffer wash, the fibers were exposed to 1 mL SAv-TR either in 

buffer (PBS or PBST), as a mixture with TEM8-mCit, or as a component (spiked) 

in clarified TEM8-mCit lysate.  Finally, all tips were washed with buffer prior to 

fluorescence imaging to remove (any) residual non-specifically bound protein 

from the fiber tips. 

 

Images and Statistical Data  

Fluorescent images of the fiber tips were generated on an Olympus IX71, 4x/0.13 

or 2x/0.08 UPlanFI (infinity corrected) objective (Olympus, Center Valley, PA).  

Fluorescent excitation was achieved using a Xe arc lamp with appropriate filters 

(Chroma, Bellows Falls, VT) for excitation 575/25 and emission 624/40 of SAv-
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TR and excitation 494/20 for TEM8-mCit.  For lysate experiments, fluorescence 

for both SAv-TR and TEM8-mCit bound to the fiber surface were captured in one 

image.  An Ocra-ER (Hamamatsu) CCD camera was used for detection, images 

were processed and statistical data extracted using Slidebook 5.0 (Denver, CO). 

 

Quantification of Protein Binding  

After modification with PEG-lipid, the SAv-TR/TEM8-mCit load and wash 

solutions that had passed through the fiber tips were each collected individually.  

The amount of protein (SAv-TR and TEM8-mCit) bound to the C-CP fiber 

surfaces was determined through fluorescence measurements of the test 

solutions before and after passage through the tips.  Response functions for 

SAv-TR and TEM8-mCit in PBST and in lysate were generated to determine 

concentration.  A Tecan Genios fluorescence microplate reader (Tecan US, Inc. 

Durham, NC) utilizing a Nunc brand (Sigma Aldrich) black polystyrene 96-well 

microplate was used for measurement.  The relative amounts of SAv-TR and 

TEM8-mCit adsorbed to the fiber surface was determined by subtracting the 

concentration observed in the solution exposed to the fiber surface from the 

concentration of the initial load solution.  Any protein concentration in the wash 

was further subtracted from this number to give the final amount of analyte on the 

surface.  
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Results and discussion 

C-CP fiber tips were evaluated for their ability to be functionalized utilizing 

the strong hydrophobic interaction of the lipid tails with the aliphatic structure of 

the PP surface. It is assumed that the lipid tail will lay along or imbed itself into 

the fiber surface while the PEG with functionalized head group will remain in 

solution, allowing for analyte interaction and reducing steric constraints at the 

fiber surface.   Initial proof of concept was demonstrated utilizing the well 

understood interaction and high affinity of biotin and SAv.  Two categories of 

control tips (OMe-PEG-lipid-coated fibers and bare PP fibers) were prepared to 

ensure that retained SAv-TR was from biotin-SAv specific interactions and not 

non-specific binding.  Initially, a BSA block was applied for each category of tip 

before exposure to the SAv-TR solution.   All tips were then exposed (through 

centrifugation) to 1 mL of 5 µg mL-1 SAv-TR solution followed by a 1 mL buffer 

wash.  Figure 4.2 depicts representative fluorescence images of the tips for the 

three test cases. To minimize the impact of non-specific binding, the analyte 

capture experiment was performed in the presence of Tween-20.  The use of 

Tween-20 in washing and blocking buffers is common in molecular recognition 

assays, including immunoassays, where the detergent adsorbs to hydrophobic 

supports and presents a hydrophilic surface to minimize potential non-selective 

interactions.50, 51  In this experiment PBST buffer was used to prepare the fiber 

surface after lipid loading; additionally, the SAv-TR capture protein was loaded 

on the lipid-modified fibers in PBST buffer.  No BSA block was performed. 
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Figure 4.2 Fluorescent images of PP C-CP fibers after modification with modified PEG-lipids, 
BSA block, and passage of 1 mL of 5 µg mL

-1
 SAv-TR.  (a) Biotin-PEG-Lipid modified (b) OMe-

PEG-lipid modified (c) Native, unmodified PP C-CP fibers.  (d) Average fluorescent responses for 
each column (n=3), collected from an identical-size mask down the center of each image.  While 
only the first one-third of the fiber tips are imaged throughout this work, the uniformity of the 
capture process across the entire 1 cm tip is quite high, generally with a spatial variability of 
better than 10% relative. 

 

As shown in Fig. 4.3, Tween-20 was successful at inhibiting non-specific binding 

of the SAv-TR on the two control surfaces.  Tween-20 completely prevented non-

specific binding from occurring while allowing uniform capture of the SAv-TR by 

the PEG-Biotin coated fibers (Fig. 4.3a).  Clearly, the addition of Tween-20 in the 

sample matrix inhibits non-specific binding, even in the case of the highly 

hydrophobic polypropylene surface, eliminating the need for a BSA block. 
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Figure 4.3 Fluorescent images of PP C-CP fibers after modification with modified PEG-lipids, 
PBST wash, and passage of 1 mL of 5 µg mL

-1
 SAv-TR in PBST to decrease non-specific 

binding.  (a) Biotin-PEG-lipid modified, (b) OME-PEG-lipid modified, and (c) Native, unmodified 
PP C-CP fibers.  (d)  Average fluorescent responses for each column (n=3), collected from an 
identical-size mask down the center of each image. 

 

To illustrate the ability of PEG-biotin modified C-CP fibers to capture SAv-

TR from a complex lysate and to evaluate possible non-specific capture of other 

proteins, the capture of SAv-TR-out of TEM8-mCit lysate was evaluated.   mCit is 

a variant of yellow fluorescent protein, and is used in this case as a tag for 

production of TEM8 in E. coli.  Here we use m-Cit fluorescence from the fiber 

surface as an indication of non-specific protein binding in a practical system.  In 

comparison to proteins in the PBST buffer, a cell lysate contains host-cell 
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proteins and other debris and is also more viscous, leading to the possibility of 

clogging stationary phases and high backpressures.  However, the same volume 

of cell lysate required only 1 minute more of centrifugation time to pass through 

modified fiber tips than did analyte buffer solutions, clearly reflecting the 

advantageous fluid flow properties of C-CP fibers.  Fiber tips treated with biotin-

PEG-lipid and bare fibers were loaded with TEM8 mCit lysate spiked with SAv-

TR to make a 0.4 µg mL-1 solution.  A lower concentration of SAv-TR was chosen 

than used in previous experiments (12.5-fold less), with the goal of reducing the 

concentrations to reflect the same order of magnitude as the competing TEM8-

mCit.  The lysate His buffer included 0.1% Tween-20, so no BSA-blocking 

modification step was needed for prevention of non-specific binding.  Images 

were collected with SAv/TR and TEM8-mCit excitation/emission simultaneously, 

so if both proteins were present, both green and red fluorescence would result.  

As shown in Fig. 4.4a, while the SAv-TR signal is evident on the biotin-PEG-lipid 

fiber tips, there is no visible TEM8-mCit fluorescence.  The results of the imaging 

experiments are presented graphically in Fig. 4.4c.  We note that absolute values 

for non-specific fluorescence observed here are similar to those observed in 

Figure 4.3.  These data demonstrate that specificity is imparted by the biotin-

PEG-lipid fiber coating.   
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Figure 4.4 Fluorescent images of PP C-CP fibers after modification, PBST wash, and exposure 
to TEM8-mCit lysate spiked with 0.4 µg mL

-1
 SAv-TR.  Presence of SAv-TR indicated in red and 

mCit in green.  (a) Biotin-PEG-lipid modified, and (b) Native, unmodified PP C-CP fibers.  (c) 
Average fluorescent responses for each column (n=3), collected from an identical-sized mask 
down the center of each image. 

 

 

In order to determine the actual amount of SAv-TR and TEM8-mCit 

binding, fluorescence measurements were performed on the pass-through lysate 

solutions.  Unfortunately, due to the imidazole present in the TEM8-mCit lysate, 

measurements of SAv-TR were complicated by imidazole fluorescing in the SAv-

TR spectral window.   Therefore, the relative retention of the two proteins was 

determined from a mixture of the purified TEM8-mCit and SAv-TR in PBST 

buffer.  Table 4.1 shows the quantitative amount of SAv-TR and TEM8-mCit in 

the load mixtures before and after passage through the PEG-biotin modified and 
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bare PP C-CP fiber tips.  These data indicate that only SAv-TR is binding to the 

C-CP fiber tips, and that ~70% of the applied SAv is captured on the biotin-PEG-

lipid surfaces.  Non-specific binding is not evident for TEM8-mCit on either bare 

or biotin-PEG-lipid fiber tips under these conditions.   

 

Table 4.1 Fluorescently-determined masses of proteins exposed to C-CP fiber tips and recovered 
in the flow-through (1 mL volume).  Protein solutions (14 nM) of each of SAv-TR and TEM8-mCIT 
were prepared in PBST 

Solution µg SAv-TR in solution µg mCit in solution 

SAv-TR/mCit load mixture 0.26 ± 0.06 0.37 ± 0.01 

PEG-Biotin tip flow through 0.08 ± 0.02 0.35 ± 0.01 

Bare PP tip flow through 0.27 ± 0.01 0.38 ± 0.01 

 

 

Clearly, the addition of the Tween-20 in the sample matrix inhibits non-

specific binding, even in the case of the highly hydrophobic polypropylene 

surface, eliminating the need for a BSA blocking layer.   

 

Conclusions and Future Work 

 Presented here is a straightforward approach to modification of PP C-CP 

fibers with functionalized PEG-lipids to affect highly selective separations.  

Modification of the fiber surface with biotin-PEG-lipid was able to capture SAv-TR 

from a complex lysate with no non-specific binding in the presence of Tween-20.  

Advantages include modification occurring homogenously on-column, under 

ambient conditions, with vast possibilities due to the wide array of available lipid 
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head groups.  The results presented here suggest the utility of this methodology 

as any lipid should be absorbable to the PP C-CP fibers, thus generating a 

modified fiber surface in a single step.  The ability to change the analyte-specific 

interaction is as easy as a head group substitution (or derivatization on-column).  

Paths forward will look at the more practical aspects of this generalized 

methodology.  For example, one potential limitation to this approach involves the 

chemical robustness of the PEG-lipid modification.  Preliminary studies in this 

regard have involved use of a FITC head group PEG-lipid that was fluorescently 

imaged on the fiber surfaces prior to and following exposure to common 

chromatographic solvents.  Only in the case of solvent compositions  >90% ACN 

and hexanes (which are not relevant in bio-separations) was any surface elution 

observed.  The total binding capacity, first of the lipids and then of captured 

proteins, will be a particular issue in terms of larger-scale preparative 

chromatography.  More fundamental studies will look towards gaining greater 

insights into factors controlling protein accessibility to the active lipid head 

groups, such as primary lipid orientation and use of linker molecules of varying 

length and chemical makeup between the lipid tails and the functional head 

group.  Ultimately, we believe that the combination of the physical attributes of 

the C-CP fiber column/tips coupled with the general utility of the lipid surface 

modification methodology holds a great deal of promise in fields ranging from 

clinical diagnostics to downstream protein processing.  This general methodology 

has potential applications in species-selective immobilization on virtually any 



 105 

hydrophobic support phase, including plastic lab-on-a-chip devices and 

chromatographic supports such as polystyrene-divinyl PS-DVB. 
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CHAPTER FIVE 

LOADING CHARACTERISTICS AND CHEMICAL STABILITY  

OF HEAD GROUP-FUNCTIONALIZED PEG-LIPID LIGAND  

TETHERS ON POLYPROPYLENE CAPILLARY-CHANNELED  

POLYMER FIBERS 

 

Introduction 

 High performance liquid chromatography (HPLC) is the prevailing 

analytical separation technique for the characterization of complex biomedia, as 

well as the purification of biomolecules, such as proteins, in downstream 

processing applications.  More specifically, affinity chromatography is perhaps 

the most powerful method of isolating target species due to the use of highly-

specific ligands.  The use of highly-specific capture chemistries reduces the 

number of steps required to yield a pure product.  A continuous focus is placed 

on innovation toward novel support phases, which allow for increased throughput 

and efficiency, while also reducing the costs associated with these purification 

steps.  Traditional resin beads and porous silica-based HPLC stationary phases 

are reliable and can afford high analytical efficiencies, yet suffer from high 

pressure drops and low throughput and yield for downstream protein purification 

processes.  In addition, problems with phase stability and non-specific protein-

surface interactions cause difficulties.  For these reasons, alternative phases for 

preparative protein separations are desirable.  Polymeric stationary phases offer 
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benefits to these traditional phases due to their chemical robustness and ease of 

chemical derivatization [1-5].   Relevant here, polymer fiber stationary phases 

offer additional advantages, as described in detail by Marcus [6, 7].   

 The polymer fiber stationary phase discussed here is the capillary-

channeled polymer (C-CP) fiber [6, 7].   C-CP fibers have been investigated over 

the past decade as a stationary phase in HPLC [8-13] and solid phase extraction 

(SPE) [14, 15] applications, particularly of proteins.  C-CP fibers are unique in 

shape, having average diameters of 35-50 µm, with eight channels running the 

entire length of the fiber.  They have 2 – 3x more surface area than a circular 

cross section diameter of the same nominal diameter [8].  When packed into a 

column structure, the fibers self-align to form micron-sized open channels 

running the length of the column.  Due to very efficient fluid movement, 

separations can be performed at high linear velocities (> 75 mm s-1) with low 

backpressures (< 2000 psi).  Another advantage is the result of their non-porous 

surface (relative to protein size) structure, yielding improved mass transfer via 

convective diffusion [5, 11, 16].  For these reasons, C-CP fiber columns yield 

high throughput and efficient macromolecule separations in applications utilizing 

reversed phase (RP) [12], ion exchange (IEC) [9], hydrophobic interaction (HIC) 

[10], and affinity chromatography [13, 17]. 

 Recent focus in the use of C-CP fibers has been in the modification of the 

polymer surface chemistries to generate analyte-specific stationary phases [13, 

17, 18].  As described previously [6, 7], several surface modification techniques 
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for polymers are known [19-24].  Unfortunately, many of these techniques can be 

harmful to the physical structure of the polymer/fiber by breaking down the 

polymer backbone leaving the fiber brittle and structurally unstable.  Thus, the 

ability to generate an analyte specific surface while maintaining the physical 

properties of the fibers is a focus of current activities.  A straightforward approach 

has been realized with the on-column modification of C-CP fiber surfaces with 

head group-functionalized poly(ethylene glycol) (PEG)—lipids (Fig. 5.1).  PEG-

lipids are very well known in biological literature for incorporation into liposomes 

or particles to facilitate in vivo processes, such as drug delivery and cell imaging 

[25-33]. 

 

Figure 5.1 Base chemical structure of a head group-functionalized PEG-lipid 

 

The novel surface modification occurs by virtue of the strong hydrophobic 

interaction between the lipid tails and the polypropylene (PP) fiber surface, with 

the hydrophilic PEG extending away from the surface and acting as a spacer 

arm.  In this way, steric constraints at the surface are reduced, allowing for the 

analyte of interest to interact with the functional group/ligand.  Overall, this allows 

for a straightforward on-column adsorption of PEG-lipids.  Essentially, the lipid 
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moiety is used to tether a ligand to the C-CP fiber surface, and we have termed 

this general methodology as lipid tethered ligands (LTL).  The variable head 

group (R) provides either its own degree of chemical specificity (as in the use of 

biotin as the head group), or for the subsequent on-column modification to 

implement further modification.  PEG-lipids are commercially available with a 

range of functional groups including amine, carboxylic acid, maleimide, cyanuric 

chloride, succinimidyl ester, and biotin. Previously, we have demonstrated on a 

solid phase extraction (SPE) tip format, the modification of PP C-CP fibers with 

biotin-PEG-lipid for the capture of streptavidin from complex mixtures [17].  By 

use of Texas Red-labelled streptavidin, fluorescence imaging demonstrated that 

a uniformly modified biotin-PEG-lipid surface could be generated.  The addition 

of Tween-20 to the sample eliminated almost all non-specific binding.  In a 

complex lysate expressing mCitrine fluorescent protein, only SAv-TR was 

captured on the biotin-PEG-lipid modified PP C-CP fibers, yielding a highly 

selective stationary phase.  With the concept of LTL to modify C-CP fibers as an 

affinity phase methodology demonstrated, the obvious next steps involve the 

practical aspects of affecting productive preparative phases.   Critical in this 

process is an understanding the loading characteristics and chemical robustness 

of PEG-lipids on PP C-CP fibers, looking towards their applications in various 

protein separations.  

 Presented here, a fluorescein (FITC) head-group modified PEG-lipid was 

used as a model LTL, yielding a fluorescent surface in one modification step.  
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The objective of this research was to determine the parameters wherein the 

highest-density lipid modified surface could be generated in the most efficient 

way.  In this way, a better understanding of how the PEG-lipid best dynamically 

interacts with the PP C-CP fiber surface will be revealed, also providing a general 

protocol for practical LTL modifications.    The dynamic loading characteristics of 

the FITC-PEG-lipid on a PP C-CP fiber column were determined at seven 

concentrations and six volumetric flow rates through frontal analysis of 

breakthrough measurements.  A second study evaluated the chemical 

robustness of the surface modifications by exposure to several common 

chromatography solvents as well as other solvent systems.  The fate of the 

modification was assessed through fluorescence imaging before and after 

solvent exposure.  Overall, the modification of C-CP fibers with head-group 

functionalized lipids demonstrates a straightforward, one-step surface 

modification, yielding a surface with the potential for high selectivity towards the 

analyte of interest.  Overall, this modification methodology suggests a diverse set 

of possibilities due to the variety of head groups and further derivatizations 

available.   

 
Experimental 

 

Materials 

 PEG-lipid functionalized to contain a fluorescein head group (1,2-

distearoyl-sn-glycero-3-phosphoethanolamine-N-[poly(ethylene glycol)5000-N’-



 115 

fluorescein) (FITC-PEG-lipid) was purchased from Nanocs Inc. (New York, NY) 

and prepared to necessary concentrations in 50:50 ethanol:water solution.  

HPLC-grade acetonitrile (ACN), methanol, and ethanol were purchased from 

EMD Millipore (Darmstadt, Germany).  Hexanes were purchased from Fisher 

Scientific (Pittsburg, PA). Milli-Q water (18.2 MΩ-cm) was derived from a 

Millipore water system (Billerica, MA) and used to prepare all aqueous solutions.  

Phosphate buffered saline (PBS) was prepared as 140 mM NaCl, 10 mM 

Na2HPO4, 1.8 mM KH2PO4, and 2.7 mM KCl at pH 7.4 (Sigma Aldrich, 

Milwaukee, WI).  Along with the above-mentioned solutions, 0.1% Tween-20, 5% 

sodium dodecyl sulfate (Sigma Aldrich), 75 mM imidazole (Alfa Aesar, Ward Hill, 

MA) and 20 mM Tris-HCl (Teknova, Hollister, CA) were used as test solutions to 

test the surface stability of FITC-PEG-lipid modified C-CP fibers.  

 

C-CP Fiber Column Assembly and Instrumentation  

 C-CP fibers were manufactured though a melt extrusion process from 

polypropylene pellet feedstock and obtained from the Clemson University School 

of Materials Science and Engineering (Clemson, SC).  The general procedure for 

preparing C-CP fiber columns has been described previously [8, 13, 14].  Based 

on the desired column interstitial fraction, the set number of fibers are wound 

from the initial spool onto a rotary counter, collected on a yarn stretcher bar, 

rinsed with ACN, methanol, and Milli-Q water, and then pulled through column 

tubing.  Here, columns are prepared in two separate forms.  For adsorption 



 116 

capacity and breakthrough characteristic studies, 100 mm x 0.8 mm i.d. PEEK 

was used as the column tubing (Cole Parmer).  The column was packed to yield 

an interstitial volume of ԑi ≈ 0.64 (based on uracil retention), which has been 

found optimal for macromolecule separations [11].  The weight of C-CP fiber 

stationary phase per 100 mm was 17.5 ± 0.2 mg.   Chromatographic experiments 

were performed on an HPLC system consisting of a Waters (Milford, MA, USA) 

Model 600S controller, a Waters Model 600 HPLC pump connected to a 

Rheodyne 7725i six-port injector valve (Rohnert Park, CA, USA) fit with a 300 µL 

stainless steel injection loop, and a Waters Model 2487 dual wavelength 

absorbance detector at 230 nm.  Chromatograms were collected using the 

Waters Empower 2 data acquisition system and processed with Microsoft Excel 

(Seattle, WA, USA).  All presented data are representative of triplicate injections.    

 The stability of the modified surface was evaluated via fluorescent imaging 

experiments using 0.8 mm i.d. fluorinated ethylene propylene (FEP) as the 

column tubing (Cole Parmer, Vernon Hills, IL), thus providing an optically clear 

conduit for imaging.    In this case, the micropipette tip format developed for solid 

phase extraction (SPE) applications was employed [14, 15], providing a simple 

format for spin-down processing and fluorescent imaging.  The column was cut 

into 1 cm segments with a ~4 mm section of empty tubing left at one end allowing 

the FEP tubing to be press-fit on to the end of a 1000 µL low-retention pipette tip 

(Molecular BioProducts, Fisher Scientific, Waltham, MA).  Solution exposure to 

tips occurred through centrifugation spin-down (Clinical 50, VWR, West Chester, 
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PA) at 1900 relative centrifugal force (RCF).  Fluorescent images of modified 

fiber tips were taken on an Olympus IX71, 2x/0.08 UPlanFI (infinity corrected) 

objective (Olympus, Center Valley, PA) with an excitation wavelength of 494 nm 

and emission monitoring at 535 nm achieved with appropriate filters (Chroma, 

Bellow Falls, VT).  An Ocra-ER (Hamamatsu) CCD camera was used for 

detection.  Slidebook 5.0 (Denver, CO) was used to process images and produce 

statistical data.  

 

Dynamic binding capacity and adsorption isotherm 

 The dynamic binding capacity (DBC) for FITC-PEG-lipid on the PP C-CP 

fibers was determined through frontal analysis of breakthrough curves on a 100 

mm x 0.8 mm i.d. PP C-CP fiber column.  Throughout the course of DBC 

experiments, one single column was used.  First, the column was conditioned 

with ~ 20 column volumes (CVs) of 50:50 ethanol:water.  FITC-PEG-lipid solution 

was introduced to the column until the concentration in the effluent (C) equaled 

the concentration of the load solution (Co), based on the UV-Vis absorbance 

maximum determined in previous injections performed with no column.  Second, 

adsorbed FITC-PEG-lipid was eluted from the fiber phase by the continuous 

introduction of 100% ACN until a steady baseline was observed.  Finally, the 

column was re-equilibrated with ~20 CVs of 50:50 ethanol:water before the next 

injection.  Breakthrough curves were generated at 7 different concentrations 

(0.005, 0.05, 0.25, 0.5, 1, 2, and 3 mg mL-1) and 6 different volume flow rates 
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covering 0.15 – 1.0 mL min-1 (linear velocities (Uo) = 8.6, 17.1, 25.7, 34.2, 42.8, 

and 57.1 mm s-1).  The amount of adsorbed FITC-PEG-lipid under each set of 

experimental conditions was calculated at 50% breakthrough, where the effluent 

concentration is 50% of the influent concentration (C/Co = 0.50), using the 

following equation [34]:    

q = Co(Vb – Vdead) / W   [1] 

where q represents the amount of bound ligand (mg PEG-lipid/g stationary 

phase), Vb is the effluent volume at 50% breakthrough (mL), Vdead is the dead 

volume of the system (mL), Co is the load concentration of PEG-lipid (mg mL-1), 

and W is the dry mass of the fibers in the column (g).  The loading values are 

reported as an average of triplicate injections. 

 

Evaluation of the stability of the PEG-lipid modification 

  Each of the various solutions were centrifuged through 1 cm-long PP C-

CP fiber tips in 1 mL aliquots for 3 minutes.  Tips were first conditioned with 

50:50 ethanol:water, and then loaded with 5 µg mL-1 FITC-PEG-lipid to affect the 

common modified surface.  After a wash with 50:50 ethanol:water to remove any 

un-adsorbed lipid, three tips were exposed to each challenge solution.  In order 

to ensure that the surface environment was consistent for the imaging 

experiments, a final wash with 50:50 ethanol:water was necessary, as this 

established the same pH and thus the same fluorescence yields.  Fluorescent 

images were taken before and after exposure to the challenge solutions, with the 
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original image fluorescence intensity used as the control to determine percentage 

of ligand lost when compared to the image taken after solution exposure. Mean 

intensities are reported for triplicate trials.     

 

Results and Discussion 

 

Dynamic PEG-lipid binding characteristics and adsorption isotherms 

 In terms of chromatography media, the dynamic binding capacity is the 

amount of target product that will bind to the stationary phase under normal flow 

conditions.  It is calculated based on the amount of target protein, with a known 

concentration, that can be loaded under defined flow conditions before a 

significant amount of non-retained solute is detected in the flow through (i.e. 

breakthrough) [35].  Such measurements are the primary means of determining 

the optimal parameters for capture processes on phases under development, 

providing a straight forward means of comparison.  To be clear, in this case, we 

are using this method to assess the density of capture ligands on the fiber 

surface, which is not necessarily a direct reflection of the eventual protein loading 

capacity for a specific application.  The goal here is to determine the role that the 

parameters of solute concentration and flow velocity have on yielding the most 

efficient PEG-lipid modification on the PP C-CP fiber column.   

 Breakthrough curves were generated on microbore format C-CP fiber 

columns as these have shown high efficiency for rapid analytical scale protein 
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separations [12], taking advantage of high linear velocities, achieved at low 

volume flow rates, without experiencing solute mass transfer limitations.  This is 

also an advantageous platform for method development as these columns 

require relatively small amounts of solvent and analyte.  Breakthrough curves 

were obtained for FITC-PEG-lipid concentrations of 0.005 to 3 mg mL-1.  The 

amount of adsorbed lipid was calculated according to Eq. 1 at each 

concentration, with the resulting adsorption isotherm shown in Figure 5.2.  In a 

literal sense, adsorption isotherms are used to assess surfaces under equilibrium 

conditions.   

 

 

 

 

 

 

 

 

 

 

 
 
Figure 5.2 Adsorption isotherm of FITC-PEG-lipid adsorbed onto PP C-CP fibers at load 
concentrations 0.005 – 3 mg mL

-1
.  Calculations were done at 50% breakthrough. Each 

concentration was run in triplicate. 
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As such, stationary phase adsorption isotherms are usually generated as a static 

(equilibrium) measurement or at relatively low flow rates because common 

porous phases often suffer mass transfer limitations at increased flow rates.  

However, the dynamic isotherm was generated here at the highest flow rate 

used, 1 mL min-1 (Uo = 57.1 mm s-1) as C-CP fibers have consistently shown 

enhanced performance in terms of chromatographic resolution and process 

throughput and yield as flow rates are increased [12, 36, 37].   The data clearly 

remain linear across this relatively broad concentration range.  The dynamic 

adsorption data was fit to a linear isotherm, as well as the common Langmuir and 

Freundlich isotherms using Matlab [37].  All three yielded excellent fits, with 

correlation coefficients (R2) of 0.9957 for the linear, 0.9948 for the Langmuir, and 

0.9952 for the Freundlich models.  The fact that the data fit each model well 

infers that the “non-linear” adsorption phenomena reflective of surface 

heterogeneity or multi-layering are not present [38] .  This contrasts the case for 

protein (lysozyme) adsorption onto nylon 6 C-CP fibers, where the dynamic 

isotherms begin to level off at concentrations of ~1.5 mg mL-1 [37].  The broad 

linear range of response is particularly surprising as the critical micelle 

concentrations of this sort of PEG-lipid are cited at between 0.03 and 0.07 mg 

mL-1 [39, 40].  Attempts to extend the isotherm to higher solute concentrations 

were restricted due to a 5 mg mL-1 lipid stock concentration.  The fact that the 

isotherm remains linear up to 3 mg mL-1 highlights the efficient mass transfer 

characteristics of C-CP fiber columns.   
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As described above, preparative separations on porous media are limited 

by the diffusion rates of macromolecules in terms of accessing the available 

surface area.  In the case of the C-CP fiber phase, the lack of porosity alleviates 

this kinetic limitation, though admittedly at the expense of equilibrium binding 

capacities due to their low specific surface area.  To evaluate the effect of linear 

velocity on FITC-PEG-lipid binding capacity, the volume flow rate was varied 

from 0.15 – 1 mL min-1 (Uo
 = 8.6 – 57.1 mm s-1), using a solute concentration of 3 

mg mL-1 as this was the highest point in the Fig. 5.2 isotherm.   Fig. 5.3a shows 

the full breakthrough curves for FITC-PEG-lipid adsorption on the PP C-CP fiber 

column as a function of the volume flow rate.    The shapes of these curves do 

not vary significantly across the flow rates.  There are two boundary situations 

that might be expected in such plots: decreasing slopes in the transition regions 

affected by slow mass transfer kinetics or sharpening in the case where no 

limitations exist.  Clearly, mass transfer limitations are not evident here.  In fact, 

as shown in Fig. 5.3b, there is very little qualitative difference in the transition 

region of the breakthrough curves in the region of C/Co ≈ 0.5 of the curves, where 

the loading is calculated.  As seen in Fig. 5.3c, there is a slight difference in the 

binding capacity across this range of linear velocities, initially increasing from 

0.15 to 0.6 mL min-1 and then decreasing above this point.  The general shape of 

the response here suggests that there are kinetic limitations to the system.  

These limitations are not due to intrapore adsorption-desorption kinetics, but the 

solute residences times on-column. 
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Figure 5.3 Breakthrough curves of 3 mg mL

-1
 FITC-PEG-lipid at different linear velocities.  (b) 

gives an up-close look at 50% breakthrough and (c) shows the loading capacity at each linear 
velocity when calculated at 50% breakthrough. 

 

As the linear velocity increases, there is less residence time across the column, 

leading to the slight decrease in column binding capacity as flow rates increase 

above 0.6 mL min-1. 

The maximum ligand binding capacity was found at 0.6 mL min-1 to be 

1.78 mg of FITC-PEG-lipid per gram of fiber (1.9 mg mL-1 fiber, 3.25x10-4 mg cm-

1).  In comparison to other affinity phases under development, such as those 

modified with glutathione for the purification of GST-tagged proteins [41] and 
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those modified with lectins for the purification of glycoproteins [42, 43] , there is 

3-6 times less ligand concentration on PEG-lipid modified PP C-CP fiber 

columns.   It is interesting to compare the obtained ligand density to what might 

be expected on a first-principles basis.  Lee et al. determined that the cross 

sectional area of a single hydrocarbon lipid chain was 23.27 Å based on 

measurements of Langmuir monolayers of fatty acids and phospholipids at a 

liquid surface [44], and literature agrees that the theoretical molecular area of a 

phospholipid is around 46 Å [45].   While these reported values suggest that 

there could be ~2 PEG-lipid molecules per nm2 of surface area, the experimental 

data presented above yields ~0.3 PEG-lipid molecules per nm2.  However, the 

theoretical values are based only on the area occupied by the lipid chain, and do 

not take into consideration the 5000 Da PEG attached to the head of the 

phospholipid.  Allen et al. reported on the incorporation of PEG-lipids into 

liposomes, where the lipid incorporates itself into the bilayer, and PEG remains 

on the surface to prevent serum protein binding in vivo [46].  As the PEG 

molecular weight was increased from 350 to 2000 Da, the area occupied per 

PEG molecule increased from 4.68 nm2 to 37.18 nm2.  Thus, at 2000 Da, there 

are 0.03 molecules per nm2.  The PEG group on FITC-PEG-lipid employed here 

has a molecular weight of 5000 Da, thus the theoretical density would be ~0.012 

molecules per nm2.  What is seen in these studies is a value closer to the case of 

the lipid binding limit than what is seen with the PEG-lipids in bilayers.  Clearly, it 

may be the large PEG group that is limiting the binding capacity of PEG-lipid onto 
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the C-CP fibers.  Future studies will be directed at evaluating how the lipid tail is 

interacting with the fiber surface.  It is believed that the hydrocarbon chain is 

burying itself into the PP fiber structure, with the PEG group affecting access as 

the layer approaches saturation.  Due to the linear trend of the adsorption 

isotherm, it is also likely that the maximum capacity of the C-CP fiber column has 

not actually been reached.  Performing frontal analysis with a PEG-lipid having a 

much smaller PEG group would be necessary to increase the binding capacity.  

In either case, as discussed previously [36], C-CP fiber columns compensate for 

lower surface area/coverage in the ability to operate at much higher loading 

rates, yielding higher throughput and yield.  

 

Chemical stability of FITC-PEG-lipid on PP C-CP fibers 

 The stability of any stationary phase modification is a key characteristic as 

is defines the useable lifecycle of that phase.  Ligand loss affects not only the 

capture capacity of a phase, but also limits the ultimate purity of the derived 

product if ligand is leached during the course of the elution step.  As the PEG-

lipid modification occurs through adsorption to the C-CP fiber surface, it is 

important to evaluate the stability and robustness of the interaction between the 

lipid tail and the PP surface.  Here, the use of the FITC head group is used to 

advantage as C-CP fiber tips prepared in clear FEP tubing can be imaged after 

both the adsorption and challenge steps  [17].  Figure 5.4 demonstrates the types  
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Figure 5.4 Fluorescence images of FITC-PEG-lipid modified PP C-CP fibers still in FEP tubing.  
Images were taken with a 2x objective and show ~5 mm of column.  FITC fluorescence was 
measured with 494 nm excitation and 531 nm emission.  Images shows FITC-PEG-lipid 
fluorescence after exposure to (a) 50% ethanol (b) 0.1% Tween-20 (c) 50% ACN 
 

of fluorescent images recovered in these experiments.  The three images reflect 

individual tips exposed to: a) 50% ethanol (the load solvent), b) 0.1 % Tween -20, 

and c) 50% ACN.  As fluorescein has pH dependence in its fluorescence 

intensity [47], the tips were washed several times with 50% ethanol (pH ~7) 

before imaging to have the same solvent environment across all images.  As can 

be seen, exposure to the first two solvents shows very little difference, while the 

third reflects a loss of the FITC-PEG-lipid. 

Figure 5.5 presents the quantitative results of triplicate FITC-PEG-lipid 

modified tips following exposure to each of the challenge solvents.  The solvents 

were chosen as being reflective of those commonly used for HPLC separations, 

and a few which might be expected to solubilize the hydrophobic lipid tail in favor 

of remaining adsorbed to the fiber surface.  As can be seen, there is no statistical 

difference between the fluorescence response found for tips that were imaged 

immediately after surface modification (first entry) and those which were washed 

with the common HPLC solvents.  Only in the case of the exposing the modified 
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fibers to the 50% ACN and mixed hexanes is a loss (~40 %) in ligand density 

seen; interpreted as a solubilization and elution of the lipid.   Of course there 

would be no situation wherein modified fibers/columns would be exposed to 

these two solvents.   

 

 

 

 

 

 

 

Figure 5.5 Change in mean fluorescence intensity of FITC-PEG-lipid modified PP C-CP fibers 
tips after exposure to test solutions.  The intensity of the 50% ethanol (loading solvent) bar is 
used as the control.  Bare fibers represents native, unmodified PP C-CP fibers.   

 

Certainly, the robustness of the PEG-lipid modified surfaces must be evaluated in 

greater detail under process conditions, but the results of these studies are a 

very encouraging outcome. 
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Concluding remarks 

 The modification of C-CP fibers with head group-functionalized PEG-lipids 

provides a straightforward surface modification with almost limitless possibilities 

due to the many functional groups available and secondary modifications that 

can be affected.    Indeed, the LTL methodology in general should be applicable 

to almost any hydrophobic surface.  The adsorption characteristics of PEG-lipid 

onto PP C-CP fibers were evaluated via breakthrough curves and frontal 

analysis.  Linear adsorption isotherms were realized across a concentration 

range 0.005 to 3 mg mL-1, suggesting the creation of a very uniform monolayer of 

ligand.  The qualitative and quantitative nature of the breakthrough curves as a 

function of mobile phase linear velocity (Uo = 8.6 – 57.1 mm s-1), highlight the 

rapid mass transfer and efficient fluid movement that are characteristic of C-CP 

fiber columns.   While the dynamic binding capacity of 1.8 mg g-1, found at 0.6 

mL min-1 of 3 mg mL-1 FITC-PEG-lipid, is small in comparison to commercially 

available affinity ligand stationary phases, the physical properties of C-CP fibers 

allow them to perform at much higher linear velocities providing higher 

throughput and yields in protein separations.  Finally, the PEG-lipid surface 

modifications remain stable after exposure to several test solvents, with only 50% 

ACN and hexanes able to disrupt the surface, suggesting that the PEG-lipid 

modification of C-CP fibers is chemically robust.  

 Future work is focused on gaining a better understanding of how PEG-lipid 

interacts with the PP C-CP fiber surface.  As discussed above, it is clear that a 
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maximum binding capacity isn’t being reached due to several possible factors 

including low solute concentration or the large PEG group taking up too much 

area.  Recently, work has focused on creating synthetic PEG-lipids to remove the 

unstable phosphate group and allow for a tailorable PEG chain length.  It is 

possible that with a shorter PEG group, binding capacity can significantly 

increase.  PEG-lipid with 7-nitrobex-2-ozo-1,3-diazole-4-yl (NBD) functionalized 

on the head group or to end of the tail allows for a fluorescent surface and 

utilizes the unique optical properties of NBD to determine if the tail is burying 

itself into the fiber structure.  Along the same lines, other important parameters to 

address include determining an optimum loading solvent for PEG-lipid, as there 

is a tradeoff between the PEG-lipid solubility, the formation of micelles, and the 

affinity towards the PP fiber surface. Additionally, while PEG-lipid binding on a 1-

inch column showed consistent binding across the entire length, the binding 

capacity, efficiency, and consistency across longer columns, which would be 

needed for preparative situations, should be determined.  This work will lead to a 

better-characterized and optimized stationary phase for various situations.    
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CHAPTER SIX 

EDIVDENCE FOR THE INTERCALATION OF PEG-LIPID ACYL  

CHAINS INTO POLYPROPYLENE FIBER MATRICES 

 

Introduction 

Complex biological samples can contain thousands of compounds of 

diverse function and concentration. Biomarkers of potential interest in proteomics 

and clinical research are often in low abundance,1 while those overexpressed in 

fermentation/culture batches for therapeutic drug production require large-scale 

purification procedures that are time-consuming and costly.2 Thus, the 

development and improvement of chromatographic stationary phases is in a 

constant state of evolution to yield greater separation selectivity and column 

efficiency for the separation of proteins. For application in downstream 

processing, this means developing novel stationary phases that address the 

need for improvements in physical robustness, chemical stability and flexibility, 

binding capacity, and mass transfer kinetics.3,4 To this end, polymeric phases in 

various formats (e.g., beads, fibers, and monoliths) are attractive alternatives to 

silica-based materials. Of course, chemical selectivity of the phase toward 

capture of the target protein is driven by solute-surface interactions, or more 

correctly with surface-bound ligands of high specificity. As such, a good deal of 

stationary phase development falls under the topic of polymer surface 

modification chemistry, where technologies developed across diverse fields of 
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use may find general utility.  For example, novel ligand tethering chemistries 

developed for protein separations may be equally valid to prevent biofouling of 

polymer surfaces as well as in in vivo drug delivery applications.5-10 

For macromolecule separations, where particulate phases suffer kinetic 

disadvantages due to solute diffusion within the porous structure, monolithic and 

fibrous polymer stationary phases excel.  Monoliths have a unique pore channel 

structure, with very short diffusion distances, allowing operation at high linear 

velocities with minimal kinetic limitations.11-14 However, the fabrication costs and 

engineering challenges for large-format monoliths have been problematic to this 

point. As an alternative, fibrous stationary phases have similar physical and 

chemical advantages to monoliths, but are inexpensive and provide a more 

straightforward approach in the large-scale preparative realm of chromatography. 

Marcus has reviewed the physical and chemical attributes that underlie their use 

for protein separations on the analytical and preparative scales.15,16 Natural (e.g., 

cotton and wool) and synthetic (e.g., polyester, nylon, and polypropylene) 

polymers present a variety of basic surface chemistries, with an incredibly rich 

toolbox of surface modification strategies dating back to biblical times.  

Capillary-channeled polymer (C-CP) fibers are a novel fibrous stationary 

phase which has been under investigation in this laboratory for protein 

separations in reserved phase (RP), ion exchange (IEC), and affinity 

chromatography (AC) modes.17-23 They have also been applied as sorbents for 

solid phase extraction (SPE) processing for protein analytics.24-26 C-CP fibers are 
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melt-extruded from nylon 6, poly (ethylene terephthalate) (PET), or polypropylene 

(PP) to form solid polymer fibers that are unique due to eight capillary channels 

that extend along the axis of the fiber.17 This unique shape gives them 

approximately three times more surface area than a fiber of the same nominal 

diameter having a circular cross section. When packed into a column, the fibers 

self-align to form 1-5 µm open, parallel channels running the length of the 

column. These channels allow for C-CP fiber columns to have excellent fluid 

transport and solute mass transfer properties. Separations on traditional-sized 

HPLC columns packed with C-CP fibers can be performed at high linear 

velocities (> 100 mm s-1) with low backpressures (< 2000 psi). The surface of C-

CP fibers is non-porous relative to the size of a protein,27 and thus rapid mass 

transfer via convective diffusion allows for high linear velocity separations without 

significant contribution to van Deemter C-term broadening.18,20,28  As such, C-CP 

fiber columns yield high throughput and yield necessary for efficient large-scale 

protein separations.21  

Taking these physical (hydrodynamic) advantages a step further, recent 

focus on C-CP fibers has been on surface modification to generate an analyte-

specific stationary phase without disrupting the physical fiber attributes.22,23,29,30 

To this end, a new modality of ligand tethering has been developed, wherein 

phospholipids modified with poly(ethylene glycol) spacer arms and terminated 

with chem-reactive head groups provide a very simple, yet robust modification 

strategy. These head-group functionalized PEG-lipids are well known in 
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biological science literature,31-39 but their use as a means of affixing ligands for 

chemical separations has only recently been reported, termed lipid tethered 

ligands (LTL).22,40,41 This modification occurs due to the strong hydrophobic 

interaction between the lipid tail and the polypropylene (PP) C-CP fiber surface. 

Potential steric constraints at the surface are reduced as the hydrophilic PEG 

group extends away from the surface to allow for interaction between the 

functional group and analyte of interest.  This one-step modification occurs on 

column under ambient conditions. PEG-lipids are commercially available with a 

number of functional head groups including amine, carboxylic acid, maleimide, 

cyanuric chloride, succinimidyl ester, fluorescein (FITC), and biotin.   

The initial demonstration of the modification of PP C-CP fibers employed a 

biotin-PEG-lipid for the selective capture of streptavidin labeled with Texas-red 

(SAv-TR) from a complex cell lysate mixture containing a green fluorescent 

protein, mCitrine.22 Biotin-PEG-lipid modified fibers captured SAv-TR with 

minimal non-specific binding, yielding a highly selective affinity phase. In a 

subsequent study, FITC-PEG-lipid was used to study ligand loading 

characteristics and the chemical stability of the PEG-lipid modification.40  PEG-

lipid adsorption isotherms performed at a linear velocity of 57 mm s-1 remained 

linear across the concentration range of 0.005 to 3 mg mL-1, suggesting uniform 

monolayer coverage. Breakthrough curves generated at linear velocities ranging 

from 8.6 to 57.1 mm s -1 were very similar, attributed to the C-CP fibers’ efficient 

mass transfer and fluid movement.  However, the dynamic ligand capacity was 
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low based of the projected area taken up by a phospholipid.  It was hypothesized 

that the lipid tail that may be adsorbed onto the PP fiber surface, was hindering 

the amount of PEG-lipid that could reach the surface, rather than allowing 

formation of an ordered brush-like structure dictated by the 5000 Da (n = 113) 

PEG groups.   The chemical stability of the PEG-lipid adsorption was evaluated 

across a broad range of common chromatographic solvents, including phosphate 

buffered saline (PBS), Tris-HCl, sodium dodecyl sulfate (SDS), imidazole, 

Tween-20, and methanol; none of which removed measureable amounts of PEG-

lipid.  Only in the case of 50% acetonitrile and pure hexanes was appreciable 

(~30%) ligand loss observed.   As such, the adsorption to the PP fiber surface is 

very robust.  Clearly, more information is needed to determine how the lipid tail is 

interacting with the PP fiber structure.  Specifically, as presented in Fig. 6.1, do 

the hydrophobic lipid chains lie along the fiber surface, or do they intercalate into 

the fiber pore structure?  Indeed, the question being posed here is analogous to 

those posed in the generation of PEGylated surfaces employed across many 

fields of research.  

A labeled lipid probe is employed here to evaluate the PEG-

lipid/polypropylene interaction via fluorescent microcopy.  In membrane and cell 

biology, fluorescent lipid probes are used to study important processes in 

membranes and live cells where these probes are easily integrated.42 

Phospholipids synthesized with the 7-nitro-2-1,3-benzoxadiazol-4-yl (NBD) 

fluorophore attached to either the head group or the fatty acyl chain are versatile 
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probes due to the unique properties of the NBD group, which fluoresces weakly 

in water and strongly in organic solvents or hydrophobic environments. NBD-

labeled lipids have been particularly useful for monitoring membrane organization 

and dynamics due to their high degree of environmental sensitivity.43-47 The NBD 

group exhibits a red edge excitation shift (REES), a phenomenon where slow 

solvent reorientation, relative to fluorescence lifetime, around the excited state of 

fluorophore causes an increase in the wavelength of maximum emission as the 

excitation wavelength is shifted towards the red edge of the absorption band.48  

NBD fulfills the necessary conditions for a fluorophore to exhibit REES as it is 

polar and gives a large change in dipole moment when excited, so significant 

solvent relaxation can occur.  Overall, when the solvent molecules in close 

proximity to the NBD group are motionally-restricted and REES is observed, it is 

a reflection of the local environment. 

 In this work, NBD-labeled PEG-lipids are employed as probes to 

determine the modality of the adsorption to the PP C-CP fiber surface; whether 

with the alkyl chains resting along the fiber surface or intercalating into the bulk 

fiber.  Environmental differences were monitored through fluorescence 

microscopy, reflecting whether or not the ligand was exposed to the solvent or 

imbedded in the fiber polymer matrix.  These findings provide insight into the high 

chemical stability of this surface modification and a surface orientation that allows 

for high ligand capacity.   It is also believed that the phenomena presented here 
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have relevance to diverse technological areas where surface-bound PEG 

functionality is important. 

 

Experimental Section 

 

Chemicals and Reagents 

4-Chloro-7-nitrobenzofurazan (NBD-chloride) was obtained from Sigma 

Aldrich (St. Louis, MO), 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-(7-

nitro-2-1,3-benzoxadiazol-4-yl) (ammonium salt) (16:0 NBD-PE) and 1-acyl-2-

{12-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]dodecanoyl}-snglycero-3-

phosphoethanolamine (acyl 12:0 NBD-PE) were obtained from Avanti Polar 

Lipids, Inc. (Alabaster, Al).  NBD-Cl, NBD-PE, and acyl NBD-PE were prepared 

to 20 µg mL-1 50:50 (v/v) ethanol:water (EtOH:H2O).  The structures of the three 

probe species are depicted in Fig. 6.2.  HPLC-grade acetonitrile (ACN), 

methanol, and ethanol (190 proof) were obtained from EMD Millipore (Darmstadt, 

Germany). Hexanes were purchased from Fisher Scientific (Pittsburg, PA). MilliQ 

water (18.2 MΩ-cm) was derived from a Millipore water system (Billerica, MA) 

and used to prepare all aqueous solutions. 
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C-CP Fiber Tip Preparation and Modification 

C-CP fibers are obtained from the Clemson University School of Materials 

Science and Engineering (Clemson, SC).49 The procedure for preparing 

microbore C-CP fiber columns and then formatting them as SPE tips has been 

described previously.22,24  In this study, a total of 720 nylon 6 fibers or 480 PP 

fibers were pulled through 300 mm long, 0.8 mm i.d. fluorinated ethylene 

propylene (FEP) capillary tubing (Cole Parmer, Vernon Hills, IL). These columns 

were packed to yield an interstitial void volume of ԑi ≈ 0.61 (based on uracil 

retention), which had previously been found optimal for macromolecule 

separations.28 After packing, columns were washed with ACN, methanol, and 

MilliQ water to remove any latent spin finish from the fiber manufacture process. 

The fiber columns were cut into 1 cm lengths with a gap at one end to allow for 

the FEP tubing to be press-fit on to the end of a commercial low-retention 

micropipette tip. Solution exposure was affected through solvent spin-down at 

2000 x g relative centrifugal force (RCF) on a VWR Symphony Centrifuge (West 

Chester, PA) for 3-4 minutes. This approach allows for minimized chemical use 

and a quick modification of the fiber surface. C-CP fiber tips were modified in 

three steps: condition, load, and wash with 1 mL of the relevant solvent. Nylon 6 

tips were modified with NBD-Cl and PP tips were modified with NBD-PE or acyl 

NBD-PE. Either 50:50 EtOH:H2O or hexanes was used as the 

condition/load/wash solvent. After modification, tips were stored in a sealed, light-

tight container.   
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Imaging 

The C-CP fiber-containing tips were pulled from the micropipette and 

placed in a tray for fluorescence imaging. As the FEP tubing is optically clear, 

spectra were generated with fibers in the tubing without contributions from 

background signals. Fluorescence spectral images of the modified fiber tips were 

acquired on a Leica SP8X Multiphoton Confocal Microscope System (Leica 

Microsystems, Buffalo Grove, IL) with a Leica HC PL APO 10x/0.40NA CS dry 

objective, using a white light laser at 70% power. Spectra were collected using a 

lambda scan, where a narrow detection window is used to measure the emission 

signal as a function of the excitation wavelength. The wavelength was increased 

from 470 nm to 510 nm in 10 nm increments. At each excitation wavelength, 

fluorescent spectra were recorded from 530 - 590 nm with a step size of 3.93 nm 

(15 steps), using the high quantum efficiency GaAsP hybrid detection system 

(Leica HyD) in standard mode, gated from 0-12 ns with 94% gain. The detection 

bandwidth was 10 nm. Due to low light levels, the pinhole size was increased to 

6.68 AU.  The operation software was the Leica application suite advanced 

fluorescence (LAS AF) version 3.2.0.9652. Imaging conditions were kept 

constant for all samples.  
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Results and Discussion 

While there may be several approximations as to how the hydrophobic 

PEG-lipid tail is interacting with the PP fiber structure, the two most simplistic 

cases are shown in Figure 6.1 where a) the lipid tail is laying on top of the fiber 

surface or b) the lipid tail is intercalating into the PP polymer matrix.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 
 
 
Figure 6.1 General representations of the possible interactions of PEG-lipid tails with 
hydrophobic fiber surfaces:  a) lipid tail lays along the fiber surface and b) lipid tail intercalates 
into the fiber structure. 

a 

b 
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While PEG-lipids are most often incorporated into liposomes and other vesicles 

containing lipid bilayers, there have been some accounts of PEG-lipid being 

incorporated into polymer nanoparticles.37,39,50 In each of these instances, the 

PEG-lipid was added as a component in the nanoparticle synthesis as the 

particles are condensed from the solution phase, where the lipid portion is 

incorporated into the matrix and the hydrophilic PEG group is residing in the 

aqueous phase.  There are related works in terms of the interactions of lipid-like 

species and fabric materials.  Some studies have focused on the use of 

polypropylene non-woven textiles as oil absorbents for oil-spill cleanup,51,52 and 

the lipid distribution on soiled cotton textiles described “penetration of lipids into 

textile structures”.53  In neither of these cases, though, is the precise means of 

adsorption elucidated.  Indeed, intercalation of a lipid tail into any sort of 

polypropylene (or other hydrophobic solid) structure cannot be found in the 

literature.  

The NBD-labeled lipids are an excellent way to probe the interaction of 

PEG-lipids with the PP C-CP fiber structure due to the changes in fluorescence 

behavior of NBD, reflecting whether or not the ligand exited in a motionally-

restricted environment. Based on the robustness of the lipid-PP interactions,40 it 

was hypothesized that the lipid tail intercalates into the PP fiber structure (Fig. 

6.1b).  Inverse size exclusion chromatography (iSEC) measurements reflect 

pores on the order of 4 nm in diameter, and so lipid penetration can be 

imagined.27  The three forms of the NBD molecule shown in Fig. 6.2 allow for the 
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evaluation of this hypothesis. In NBD-PE, the NBD group is covalently attached 

to the head group of a phosphatidylethanolamine molecule, which is expected to 

be fully solvated.  In the acyl NBD-PE, the NBD group is covalently attached to 

the end of one fatty acid chain of the phosphatidylethanolamine, and so the 

spectral response would reflect its physical location. In order to assess the 

spectral response of the NBD, should it be located at the surface of the fiber (but 

not necessarily within it), the singular NBD-Cl molecule is exposed to the nylon 6 

C-CP fiber, where it covalently binds to amine groups on the surface.  

 

 

 

 

 

 

 

 

 

 

 

 

 
Figure 6.2 Chemical structures of NBD-labeled lipids and the NBD-Cl molecule used to modify C-
CP fibers. 
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Thus the potentialities of the PEG-lipid interactions depicted in Fig. 6.1 can be 

assessed based on the occurrence, or not, of a REES fluorescence response.   

 All three molecules were prepared to 20 µg mL-1 in 50:50 (v/v) EtOH:H2O, 

as it has been a very effective loading solvent for PEG-lipid modifications to 

create chromatographic stationary phases.22,40     

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 6.3 The effect of changing excitation wavelength on the wavelength of maximum emission 
(REES) of a) NBD-Cl, b) NBD-PE, and c) acyl NBD-PE modified C-CP fibers.  Loading and wash 
steps were performed in 50:50 EtOH:H2O. 
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The manufacturer recommends a 1:1 mixture of ethanol and water to dissolve 

lipids, as this decreases the polarity of the solution (over a purely aqueous 

phase) to prevent aggregation or formation of micelles.  As seen in Fig. 6.3, there 

is no change observed in the emission wavelength maximum as the excitation 

wavelength is increased from 470 nm to 510 nm for a) NBD-Cl (bound to nylon 

6), b)  NBD-PE, or the c) acyl NBD-PE modified PP C-CP fibers.  The lack of a 

spectral shift reflects the fact that the NBD group in each instance exists in a 

well-solvated, motionally-unrestricted environment. However, due to the flexibility 

of the acyl chain and the polarity of the NBD group, it is possible that the lipid tail 

is actually intercalating into the polymer structure but then looping back so that 

the NBD resides in the polar solvent environment as depicted in Fig. 6.4.   

 

 

 

 

 

 

 

 

 
 
Figure 6.4 Diagrammatic representation of acyl-NBD group solvation in the case of a 50:50 
EtOH:H2O deposition solvent.  
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This precise situation has been reported for acyl NBD-PE located in membranes, 

where the polar NBD group affixed to the hydrocarbon tail loops back towards 

the lipid/water interface instead of penetrating deeper into the hydrophobic lipid 

bilayer, as would be favored for a purely aliphatic chain.54-57 Again, this is 

attributed to the polar NBD group’s affinity for the polar solvent environment and 

the flexible acyl chain allowing it to loop. Clearly, a nonpolar loading solvent is 

necessary to reduce the propensity of the NBD group to migrate back to the 

solvent environment.   

 In terms of non-polar solvents, n-hexane presents an environment for 

which the polar NBD group will have a very low propensity to remain solvated; or 

at least will be far less likely to affect the lipid adsorption processes. Schadock-

Hewitt and Marcus demonstrated that out of many solvents tested, ACN and 

hexanes were the only solvents able to remove adsorbed PEG-lipid molecules 

from PP C-CP fiber surfaces.40 Hexanes removed ~30% of the adsorbed lipid, 

and so while there is a driving force for the solvation of the alkyl lipid chains and 

their removal from the fiber, there is sufficient affinity for strongly adsorbed 

species to remain.  The PEG-lipids were loaded in hexanes, with adsorption 

confirmed through absorbance measurements of the load solutions post 

exposure to the fiber media.  Figure 6.5 presents the emission wavelength of 

maximum intensity as a function of the excitation wavelength from 470 nm to 510 

nm on the a) NBD-Cl, b) NBD-PE, and c) acyl NBD-PE-modified PP C-CP fibers 
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loaded in hexanes. Tips modified with NBD-Cl and NBD-PE, where the NBD 

group should be un-restricted in the solvent environment, showed no increase in 

the maximum emission wavelength. Tips modified with acyl NBD-PE, where the 

NBD group is attached to the lipid tail and hypothesized to intercalate into the PP 

backbone structure, definitively exhibited REES, showing a 32 nm increase in 

wavelength of maximum emission.  

 

 

 

 

 

 

 

 

 

 

 

Figure 6.5 The effect of changing excitation wavelength on the wavelength of maximum emission 
(REES) of a) NBD-Cl, b) NBD-PE, and c) acyl NBD-PE modified C-CP fibers.  Loading and wash 
steps were performed in 100% hexanes. 
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This confirms that the NBD probe is located in the motionally-restricted 

environment of the polymer fiber matrix.  The intensity-normalized spectra 

presented in Fig. 6.6 show emission scans of acyl NBD-PE modified fibers when 

loading in a) 50:50 ethanol:water and b) 100% hexanes at 470 nm, 490 nm, and 

510 nm. The emission spectra are consistently composed of three distinct peaks, 

at ~545 nm, ~558 nm, and ~578 nm.  

 

 

Figure 6.6 Intensity-normalized fluorescence emission spectra of acyl NBD-PE at increasing 
excitation wavelengths.  a) loading in 50:50 EtOH:H2O, b) loading in 100% hexanes.  Spectra are 
the average of triplicate experiments. 

 

Emission spectra of NBD-PE modified fibers when loading in 50:50 ethanol:water 

gave no indication of REES with an emission maximum of ~545 nm for each 

excitation wavelength. The emission spectra of acyl NBD-PE modified fibers 
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when loading in 100% hexanes exhibit REES with an increase in emission 

maximum from ~545 nm at 470 nm excitation, ~558 nm at 490 nm excitation, and 

~578 nm at 510 nm excitation.  Thus, it is concluded that modifications of PP C-

CP fibers with PEG-lipids involves intercalation of the lipid tail into the intrafiber 

structure.  This creates a very robust surface modification relative to most 

solvents encountered in liquid chromatography or other biomolecule processing 

situations. Referring to Fig. 6.1, this mode of adsorption suggests that the 

surface loading of PEG-lipids will be dictated by the crowding of the PEG and 

head group moieties, and not the lipid anchors.  

 

Conclusions 

 Evidence for the intercalation of lipids chains into polypropylene fibers has 

been presented. The environmentally-sensitive NBD fluorophore was used to 

probe the interaction of PEG-lipids with the fiber, as it is commercially available 

covalently attached to the head group (NBD-PE) or the acyl chain (acyl NBD-PE) 

of a lipid.  Fibers modified with NBD-PE or the NBD-Cl molecule did not display 

REES.  Modification performed in hexane solvent was necessary to drive the 

polar NBD group into the fiber.  When fibers were modified with acyl NBD-PE in 

hexane solvent, REES was observed, confirming the hypothesis that the lipid tail 

is intercalating into the fiber structure. Overall, these results explain the 

robustness and stability of head group functionalized PEG-lipid modified PP C-

CP fibers in their use in lipid tethered ligand (LTL) systems. 
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 It is believed that the system evaluated here has relevance to many other 

fields wherein surface modification of hydrophobic substrates is desired. In many 

of these, there exists a deep literature involving the immobilization of PEG 

groups. These include the creation of surfaces of high resistance to biofouling, 

surfaces of spatio-specific differences in hydrophobicity, and the use of polymeric 

nanoparticles for time-released drug delivery.  
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CHAPTER SEVEN 

SUMMARY 

 

 The research presented in this dissertation utilized capillary-channeled 

polymer (C-CP) fibers as a stationary phase for HPLC applications.  As explained 

in detail, C-CP fibers provide an excellent alternative to costly silica or polymer 

bead-based phases that can lead to inefficient protein separations.  The overall 

goal for industrial protein separations is generating the fastest, least expensive, 

and most efficient separation and purification.  To enhance the efficiency of C-CP 

fibers, generating a high surface density of selective functional groups is 

essential.  Thus, the focus of this dissertation was on the modification of C-CP 

fibers to generate an analyte specific stationary phase while still maintaining the 

advantageous physical properties of the fibers.  The overall mode of modification 

here was surface adsorption.  A hydrophobic polypropylene surface strongly 

adsorbs hydrophobic proteins and other molecules.  This simple approach leads 

to many possible chemically reactive functional groups available for protein 

capture.  The chapters of this dissertation highlight the advantageous physical 

properties of the C-CP fibers while evaluating the enhancements that a surface 

modification brings.  

 In Chapter II, the physical properties of polyamide (nylon 6) C-CP fibers 

were evaluated and give a general overview of why these unique fibers are 

important.  Nylon 6 C-CP fibers were used as the stationary phase for the HPLC 
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separation of a protein suite.  However, differences in chromatographic behavior 

between two (presumably identical) nylon 6 fibers, revealed previously unknown 

differences between the two.  In the protein separations on a capillary column, 

three proteins separated in under 2 min. on one nylon 6 fiber column, but did not 

separate on the second nylon 6 fiber column.  An extensive list of testing was 

performed, leading to the discovery that the differences between the fibers lie in 

their solid, extruded forms.  In other words, during the melt-extrusion process that 

formed the fiber, differences in molecular weight, and thus end group density 

(which determined separation quality) were made.  Other fiber differences are 

noted, with the overall conclusion being that C-CP fiber characteristics are 

dependent on the extrusion process and the exact base polymer they were made 

with.  

 Chapter III described a novel affinity chromatography stationary phase 

developed from polypropylene (PP) C-CP fibers modified with a recombinant 

protein A ligand.  The application of protein A affinity chromatography is the 

selective capture of immunoglobulin G (IgG) antibody, used for drug 

therapeutics.  This affinity phase was used in an SPE micropipette tip format so 

that solvent and analyte use was minimized.  The adsorption of protein A onto 

the PP fiber surface was evaluated at differing load concentrations and volumes 

to generate an optimally modified surface.  Exposure to a mixture of human IgG 

and myoglobin (used as a surrogate host cell protein) evaluated the selective 

capture ability of the affinity phase, and how well non-specific binding was 
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minimized.  The efficacy of selective binding to the protein A ligand was 

demonstrated by an optimal 2.9:1 (IgG:protein A) binding stoichiometry.  A wash 

buffer removed all nonspecifically bound species, and IgG was successfully 

eluted from the surface with high yield.  Overall, strong initial results show 

promise for protein A modified C-CP fibers to be used for protein A affinity 

chromatography.  

 Chapter IV described another novel stationary phase with head group-

functionalized poly(ethylene glycol)-lipid (PEG-lipid) modified PP C-CP fibers.  

The aliphatic lipid tails adsorbs strongly to the hydrophobic fiber surface , with the 

hydrophilic PEG group extending towards the more polar mobile phase, thus 

allowing for the chemically reactive head group to be free in solution to interact 

with the desired analyte.  Again, an initial proof-of-concept was achieved by 

adsorption of a biotin-PEG-lipid to the PP C-CP fiber surface.  Surface 

modification and uniformity was evaluated by binding streptavidin labeled with 

Texas Red (SAv-TR) to the biotin.  Isolation of SAv-TR from a mixture in neat 

buffer and in cleared lysate demonstrated the capability of the modified fibers to 

extract an analyte of interest from a complex viscous mixture.  It is believed that 

this surface modification approach is generally applicable to a diversity of 

selective protein immobilization applications, including clinical diagnostics and 

preparative scale HPLC on C-CP fibers as well as to other hydrophobic supports. 

 Chapter V expanded on the proof-of-concept study in Chapter IV with the 

evaluation of ligand loading to generate a ligand dense surface.  In order to study 
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ligand binding characteristics, a fluorescein-labeled polyethylene glycol-lipid was 

used as a model system.  Breakthrough curves and frontal analysis were 

employed to characterize the surface loading characteristics across a range of 

lipid concentrations and mobile phase flow rates.  Efficient mass transfer and 

fluid transport yield a linear adsorption isotherm up to the maximum loading 

concentration of 3 mg mL-1, at a linear velocity of 57.1 mm s-1.  Under these 

conditions, the dynamic binding capacity was found to be 1.52 mg g-1 of fiber 

support.   Variation of the linear velocity from 8.6 – 57.1 mm s-1 showed only 

small changes in breakthrough volume.  The maximum ligand capacity of 1.8 mg 

g-1 is found under conditions of a load velocity of 34.2 mm s-1 and a concentration 

of 3 mg mL-1 lipid.  Exposure of the lipid modified fibers to several challenge 

solvents reveals a chemically robust system, with only 50% ACN and hexanes 

able to disrupt the lipid adsorption.  Overall, the straightforward C-CP fiber 

surface modification with head group-functionalized lipids provides both a diverse 

yet practically robust ligand tethering system. 

 Chapter VI looked at exactly how the PEG-lipid modification, or lipid 

tethered ligand (LTL) system (from Chapter IV and V) was occurring.  This basic 

methodology has promise in many areas where robust polymer surface 

modifications are desired.  In order to understand the mode of adsorption of the 

lipid tail to the polypropylene surface, lipids labeled with the environmentally-

sensitive 7-nitro-2-1,3-benzoxadiazol-4-yl (NBD) fluorophore were used, with 

NBD covalently attached to the head group (NBD-PE) or the acyl chain (acyl 
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NBD-PE) of the lipid.  When modified with the acyl NBD-PE, fluorescence 

imaging of the fiber at excitation wavelengths increasing from 470 – 510 nm 

caused a 32 nm shift in emission towards the red edge of the absorption band, 

indicating that the NBD molecule (and thus the lipid tail) is motionally-restricted. 

Fluorescence imaging on fibers modified with NBD-PE or the free NBD-Cl dye 

molecule yielded no change in the emission response. The results of these 

fluorescence imaging studies provided evidence that the acyl chain portions of 

the PEG-lipids intercalate into the polypropylene fiber structure, yielding a robust 

means of surface modification and the potential for high ligand densities.   

  The future of C-CP fibers lies in surface modification to generate an 

analyte specific surface.  Specifically, as described above, surface modification 

with PEG-lipids provides a robust surface modification with potentially high ligand 

densities.  As the specific surface area of C-CP fibers is smaller than other 

competing and commercially available phases, a greater number of surface 

ligands available for analysis will yield higher binding capacities.  Higher binding 

capacities combined with the physical advantages of C-CP fibers (fast, efficient 

separations), will make C-CP fibers a viable phase.  As most studies have been 

done at analytical scale, future experiments will increase the scale towards the 

preparative side, where the advantages of C-CP fibers should really shine.  

Specifically, the protein A ligand modification in Chapter III will be performed at a 

semi-preparative scale and look at IgG capture from complex cell lysates.  As the 

PEG-lipid surface modifications have seen great outcomes, the Marcus 
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laboratory has been synthesizing PEG-lipids to be specifically tailored to the 

application.  This includes removing the phosphate group, which could potentially 

be hydrolyzed, and reducing the PEG chain length significantly, which has been 

found to hinder surface adsorption when available at n = 50 to 100 monomer 

lengths.  With the base knowledge of these surface modifications fully 

understood, their application as stationary phases for HPLC can be fully 

evaluated and realized.  
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Appendix A 

Supplementary Information for Chapter II 

 

Figure A-1. ATR-FTIR of spectra of (a) nylon 6A and (b) nylon 6B C-CP fibers.  
Labels indicate characteristics IR bands of nylon 6 and confirm the basic identity 
of each C-CP fiber sample. 
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Figure A-2. DSC curves of a) nylon 6A and b) nylon 6B after a quench-cool 
treatment.  The samples were initially heated from 0-300 °C at a rate of 20 °C 
min-1 before being quench-cooled on a liquid nitrogen cooled steel bar and 
reintroduced into the heating chamber. 
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Figure A-3. MALDI-TOF mass spectra of a) nylon 6A and b) nylon 6B C-CP 
fibers dissolved in 2,2,2-trifluoroethanol.  
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Figure A-4. Tensile testing on a) nylon 6A and b) nylon 6B C-CP fibers showing 
maximum strain and load before breakage 
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Appendix B 

Reuse Permission for Chapter II 
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Appendix C 

Reuse Permission for Chapter III 
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Appendix D 

Reuse Permission for Chapter V 
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