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Wood, 1995).  A constructed wetland can be either a surface flow or a subsurface flow 

wetland (Wood, 1995).  Surface flow wetlands (Figure 1-1) imitate a natural wetland, 

with water flowing over the soil surface and through a thick stand of plants (Wood, 

1995).  In a subsurface flow wetland, water flows through a shallow area where 

hydrophytes are established and also underneath floating aquatic plants (Wood, 1995).  

 

Wetland plants absorb nitrogen, phosphorus, orthophosphate, nitrate-nitrogen, and 

ammonia-nitrogen (Chang et al., 2012).  Plants can biologically alter or directly absorb 

organochlorine insecticides, pesticides, benzene, and substituted benzene (Berghage et 

al., 1999). 

 

 

Figure 1-1.  Surface flow constructed wetland system (White et al., 2013). 
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Floating aquatic plants and floating treatment wetlands (Figure 1-2) also efficiently 

absorb and filter contaminants from water.  The roots hanging in the water column are 

home to denitrifying bacteria and collect suspended particles (Chang et al., 2012).  The 

bacteria living in the rhizosphere also absorb excess nitrate, along with the wetland 

plants (Chang et al., 2012).  The microbes convert nitrate-nitrogen to ammoniacal- 

nitrogen through the nitrate reduction process (Chang et al., 2012).  Because the 

wetland plants absorb excess phosphorus and nitrogen, not enough nutrients remain to 

support algal blooms, thus toxic algal blooms can be prevented, and overall algal growth 

reduced (Braskerud, 2005; Chang et al., 2012; Polomski et al., 2007; Taylor et al., 2006).  

Figure 1-2. Floating treatment wetland system (White et al., 2013). 

 

Floating treatment wetlands are modified conventional wetlands that float on the 

surface of water bodies and provide additional absorption and filtration (Figure 1-2).  A 
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floating treatment wetland in a 4,000 liter still-water tank, 5 meters in diameter and 1.2 

meters deep, had plants covering only 5% of the water’s surface,. Within fifteen days, 

the floating treatment wetland was able to remove 79% orthophosphorus, 53% total 

phosphorus, 61% total nitrogen, and nearly 100% ammonia, with initial concentrations 

of 1 mg/L phosphate and 3 mg/L nitrate (Chang et al., 2012).  If the above-water tissues 

of plants were harvested, 30 to 150 kg of phosphorus and 200 to 2500 kg of nitrogen 

per hectare could be removed from flowing water systems each year from nutrient-rich 

waters (Brix, 1997; Van de Moortel, et al., 2010). 

 

Multiple plant species are suitable for use in treatment wetlands, provided that the 

plant is adapted to wetland life and absorbs nitrogen and phosphorus (Guntenspergen 

et al., 1988).  Previous work has been done to screen aquatic and wetland species for 

use in treatment wetlands.  Examples of plant species that have been found to be 

successful in treatment wetlands are found in Table 1-2 (Chang et al., 2012; Polomski et 

al., 2007). 

 

While constructed treatment wetlands are excellent for cleaning runoff water, treating 

the water alone does not solve the problem of water scarcity and increasing costs.  For 

growers to reduce the overall volume of water used, runoff water must be collected and 

treated in some manner, and then recirculated back into the irrigation system.  
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Table 1-2. Species of plants that have proven successful in treatment wetlands, based 

on their ability to survive in wetlands and ability to absorb excess phosphorus and 

nitrogen. 

Species Common Name Family 

Canna flaccidaac Golden Canna Cannaceae 

Canna ×generalis ‘Bengal Tiger’b Bengal Tiger Canna Cannaceae 

Canna ×generalis ‘Yellow King 

Humbert’b 

Yellow King Humbert 

Canna 
Cannaceae 

Colocasia esculenta ‘Illustris’b Elephant Ear Araceae 

Chamaedaphne calyculatac Leatherleaf Ericaceae 

Carex lasiocarpac Slender Sedge Cyperaceae 

Eleocharis dulcisc Chinese Water Chestnut Cyperaceae 

Glyceria maximabc Reed Sweetgrass Poaceae 

Juncus effususc Soft Rush Juncaceae 

Menyanthes trifoliatec Menyanthes Menyanthaceae 

Myrica galec Sweet Gale Myricaceae 

Panicum hemitomonc Maidencane Poaceae 

Peltandra virginicab Green Arrow Arum Araceae 

Phragmites australisbc Common Reed Poaceae 

Pontederia cordatab Pickerelweed Pontedariaceae 

Typha angustifoliabc Cattail Typhaceae 

Typha latifoliac Bulrush Typhaceae 
a White et al., 2007; b Polomski et al. 2007; c Chang, et al., 2012. 
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Irrigation Techniques 

Irrigation delivery techniques used by growers include pressurized sprinklers (e.g. 

overhead sprinklers, spray sprinklers, and drip-irrigation) and micro-irrigation (Haman et 

al., 1996).  Overhead and spray sprinklers are less expensive than micro-irrigation 

(Haman et al., 1996).  Sprinklers can cause high amounts of water loss and runoff, 

especially overhead sprinklers on a windy day (Haman et al., 1996).  A sprinkler system 

usually releases water at a rate of 10-20 gallons per hour, over a radius of 2 to 18 feet 

(Haman et al., 1996).  Sprinklers that distribute water over a great distance, height, or 

high angle are especially prone to wasting water (Haman et al., 1996).  This type of 

irrigation is considered non-uniform, therefore some production areas are over-watered 

and some under-watered.  To prevent under-watering, the typical application pattern 

growers use overlaps by roughly 50%, which also contributes large volumes of runoff in 

certain areas (Haman et al., 1996). 

 

A second class of irrigation is known as micro-irrigation. This includes drip irrigation and 

micro-spray, or spray stake irrigation (Chappell et al., 2013).  For drip irrigation, water is 

delivered in small amounts directly into the plant’s container or near it, trickling out of 

low flow rate emitters (Haman et al., 1996; Chappell et al., 2013).  Spray stake irrigation 

contains drip emitters, which are spaced near plants at the grower’s discretion and emit 

small sprays below the plant’s canopy (Chappell et al., 2013).  The principal loss of water 

from drip irrigation or line source systems occurs when the nursery has steep changes in 
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elevation. This irrigation is more expensive than sprinklers, as it relies heavily on design 

hydraulics and requires higher amounts of maintenance and management, but it can 

reduce the overall volume of water used and the amount of runoff water when 

compared with overhead sprinklers (Haman et al., 1996; Chappell et al., 2013). 

 

For either class of irrigation, a new technology called wireless sensor networks (WSN) 

can improve water efficiency and reduce overall water use (van Iersel et al., 2013).  The 

WSNs are supported with user-friendly software that supply growers with quantitative 

information on soil moisture, weather conditions, and guides for when to irrigate and 

how much irrigation is needed, some software even includes crop-specific factors (van 

Iersel et al., 2013).  With the WSNs, growers can easily shut off irrigation when 

necessary (van Iersel et al., 2013). In a recent study, these WSNs were installed in a 

section of a dogwood (Cornus florida) container nursery, and irrigation water 

applications with the WSN were compared to containers watered without the WSN 

(Belayneh et al., 2013). Over 33 weeks, the trees with the WSN were daily watered with 

0.34 gallons per tree, compared with 0.92 gallons per tree without WSN.  The WSN 

resulted in a reduction of irrigation by 63%, without affecting the quality of the trees 

(Belayneh et al., 2013).  Once installed throughout a 175-acre nursery, a sensor-

controlled irrigation network drives down the overall cost of water (by using less) and 

time spent with irrigation management—for an average total savings of $5,300 per year 

(Belayneh et al., 2013). 
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The efficiency of an irrigation system can be measured as a ratio of crop yield over the 

amount of water applied (De Pascale et al., 2011). This is known as water use efficiency 

(WUE), as growers try to maximize productivity while trying to minimize the amount of 

water used (De Pascale et al., 2011).  Overall, micro-irrigation systems are more efficient 

than sprinklers, particularly overhead ones (Haman et al., 1996; Chappell et al., 2013). 

Efficiency of an irrigation system can be lost through equipment malfunction, 

evaporation, surface runoff, system mismanagement, inadequate system design, and 

unfitting installation (Haman et al., 1996). 

 

Runoff Water 

In order to assuage the high amounts of water loss, growers are implementing many 

strategies for water conservation, such as WSN and micro-irrigation (Belayneh et al., 

2013; van Iersel et al., 2013).  Another option for growers is the reuse of irrigation 

runoff water.  Runoff water is treated via conventional (chemical) means and via best 

management practices. Conventional treatment of irrigation water includes chemical 

oxidation, chemical surfactants, chlorination, air striping, UV light treatments, and 

carbon adsorption, but all of these options are costly and have great potential to 

generate more environmental problems (Berghage et al., 1999; Hong and Moorman, 

2005). Constructed treatment wetlands remain the ecologically beneficial and once 

constructed, are less expensive than their conventional treatment counterparts 

(Poyyamoli et al., 2013). 
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Reusing irrigation runoff water after treatment via constructed wetlands greatly 

increases the efficiency of the irrigation system (Fischbach and Bondurant, 1970). 

Wetlands can gradually treat the water as it flows to the storage reservoir, where it is 

then pumped back into the irrigation system (Fischbach and Bondurant, 1970). Larger 

ponds can also provide storage for excess water at a low cost (Fischbach and Bondurant, 

1970). Overall, recycling runoff water reduces the overall amount of water needed, 

increases irrigation efficiency, and reduces the amount of labor required for irrigation 

(Fischbach and Bondurant, 1970). There is, however, a potential limitation to the reuse 

of production runoff: the presence of plant pathogens. 

 

Pathogens in Runoff Water   

Species of Phytophthora 

Plant pathogen presence in recycled runoff water is well documented, particularly the 

pathogen Phytophthora spp., which has been found in irrigation water throughout the 

United States, Canada, South Africa, Australia, and the United Kingdom (Bush et al., 

2003; Berghage et al., 1999; Green, 1959; Graham et al., 1998; Hong and Moorman, 

2005; Jeffers et al 2010; Macdonald et al., 1994; Orlikowski et al., 2009; Oudemans, 

1999; Pettitt et al., 1997; Shokes and McCarter, 1979; Thomson and Allen, 1974; Yamak 

et al., 2002). 
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Species of Phytophthora are plant pathogens known as oomycetes, which are closely 

related to diatoms and brown algae. Oomycetes resemble fungus physiologically and 

morphologically, but are not considered true fungus in Kingdom Fungi (Thomson et al., 

1974). Oomycetes have the following attributes: 1) A cell wall made of cellulose, 2) 

oogamous sexual reproduction, and 3) asexual reproduction, including the creation of 

biflagellate zoospores (Dick, 1969).  While fungi have haploid nuclei in their hyphae, 

oomycete hyphae are diploid (Schumann and D’Arcy, 2010).  The structure of a fungal 

cell wall is composed of chitin, while an oomycete cell wall contains cellulose 

(Schumann and D’Arcy, 2010).  

 

Reproduction of Species of Phytophthora 

 Species of Phytophthora produce asexual chlamydospores and zoospores, along with 

sexual oospores (Hwang and Ko, 1977). Chlamydospores are the survival spores of 

species of Phytophthora, are the longest-lasting spore, and are produced asexually 

(Hwang and Ko, 1977). The walls of chlamydospores are thicker than other spores, 

enabling them to live longer and survive in unfavorable conditions (Hwang and Ko, 

1977).  

 

Another spore produced asexually by oomycetes is the zoospore.  Oomycetes contain 

well-defined sporangia, typically lemon shaped, in which the zoospores develop (Dick, 

1969; Schumann and D’Arcy, 2010).  Zoospores can only survive three weeks in soil 
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unless a plant to infect and reproduce is found (Hwang and Ko, 1977), and can survive 

nearly 30 days in water (Davidson et al., 2002). 

 

The spore produced sexually by oomycetes is referred to as the oospore (Schumann and 

D’Arcy, 2010).  Sexual reproduction in oomycetes involves the formation of oogonium, 

the female sexual structure (Schumann and D’Arcy, 2010). The oogonial protoplasm 

undergoes cleavage to create oospheres. When the male sexual structure, the 

antheridia, contacts the oogonium, a fertilization tube develops, thus forming the 

oospore (Dick, 1969; Schumann and D’Arcy, 2010). Species of Phytophthora typically 

only have one antheridium per oogonium, while its relative, Pythium spp., usually has 

more than one (Schumann and D’Arcy, 2010).  

 

Taxonomy of Species of Phytophthora 

Species of Phytophthora are closely related to diatoms and brown algae, and are 

therefore well suited to an aquatic environment (Thomson et al., 1974). Its taxonomic 

structure is as follows: 

Kingdom: Chromista (or Straminipila) 

Phylum: Oomycota 

Class: Oomycetes 

Order: Peronosporales 

Family: Peronosporaceae 
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Genus: Phytophthora (CABI Bioscience Database, 2013) 

The taxonomy is based primarily on growth characteristics and properties of sporangia, 

antheridia, oogonial, colony morphology, and host specificity, along with other 

morphological traits (Guharoy, 2008; Yamak et al., 2002). The genus Phytophthora is 

divided into six separate groups based on morphological characteristics (Yamak et al., 

2002).  Many of the properties used for identification are influenced by the environment 

or are overlapping, particularly amongst species of Phytophthora. In the last 30 years, 

the accuracy of species and isolate identification has grown with the introduction of 

techniques to analyze protein patterns, mitochondrial DNA, rDNA, isozymes, and 

serology (Guharoy, 2008).  

 

Isolation of Species of Phytophthora 

Species of Phytophthora can be isolated from the environment with a variety of 

methods, including plating soil samples, filtering water samples, and baiting the 

pathogen (Ferguson and Jeffers, 1999; Hendrix and Kuhlman, 1965). To determine if 

small soil samples contain species of Phytophthora, the soil can be cultured on selective 

medium. Experiments in 1965, by Hendrix and Kuhlman, demonstrated the existence of 

chlamydospores in plated soil samples and decomposing organic material.  Soil was 

sieved through 38-micrometer strainers and subsequently plated on selective V8 juice 

agar, which will deter bacterial and fungal growth but enable species of Phytophthora to 

grow (Bush et al., 2003; Orlikowski et al., 2009; Yamak et al., 2009).  The plates were 
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held in an incubator for 36 hours to allow growth (Hwang and Ko, 1977).  For best 

zoospore of Phytophthora growth, plates should be held in an incubator at 20 to 25° C 

(Ferguson and Jeffers, 1999). 

 

A second method for isolating species of Phytophthora is filtering water samples 

through filter paper and plating the paper onto selective medium (Macdonald, 1994).  

Water filtered through 0.45-micrometer Millipore filters, and then plated onto selective 

V8 agar media, will sequester species of Phytophthora (Macdonald, 1994). 

 

A third isolation method is baiting. Plants that are highly susceptible to Phytophthora 

can act as bait for the pathogen. Circular leak discs — around five millimeters in 

diameter — punched out with hole punchers provide irresistible plant material for 

zoospores of Phytopthora to infest or infect (Bush et al., 2003; Ferguson and Jeffers, 

1999).  Common plant baits are Rhododendrons, particularly Rhododendron 

×catawbiense, along with Pyrus species (pear) (Bush et al., 2003; Jeffers et al., 2010; 

Orlikowski et al., 2009; Yamak et al., 2002).  Once the bait has been floating in 

potentially infested water or soil for a minimum of three days, it is removed and plated 

in selective V8 agar (Bush et al., 2003, Ferguson and Jeffers, 1999; Jeffers et al., 2010; 

Orlikowski et al., 2009, Yamak et al., 2002).  

 

Species of Phytopthora in Nurseries 
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Using these three methods, species of Phytophthora have been found in numerous 

nurseries across the world (Table 1-3).  Species of Phytophthora were found in recycled 

runoff water in tomato and cucumber nurseries in Greece (Berghage, et al., 1999) and in 

irrigation water in 20 British Columbia nurseries (Salisbury, 1995).  Nurseries in the 

United Kingdom have plants, members of the Ericaceae family, infected with zoospores 

of P. cryptogea (Pettitt et al., 1997).  Its prevalence has been recorded in the United 

States as well.  Indiana nurseries found zoospores of P. cinnamomi in diseased Taxus 

spp. stock whenever the area flooded (Green, 1959); zoospores of P. cinnamomi were 

also widespread in Oregon, affecting 25 ornamental species across the state, with 17 

isolates found in one nursery (Torgeson, 1954).  Phytophthora cinnamomi is widespread 

in New Jersey, in irrigation reservoirs and both upstream and downstream of 

agricultural producers (Oudemans, 1999). 

 

The southeastern United States is not immune to the presence of species of 

Phytophthora.  In Florida, zoospores of P. nicotianae, P. citrophthora and P. palmivora 

were reported in the sprinkler and irrigation water (Graham et al., 1998), and zoospores 

of P. citrophthora and P. cryptogea were found in recycled irrigation water in Virginia 

(Bush, et al., 2003).  Ponds that hold irrigation runoff water were contaminated with 

species of Phytophthora inoculum in southern Georgia nurseries (Shokes and McCarter, 

1979). 
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Table 1-3. Species of Phytophthora, locations in which they have been found, and the 

types of plants they can affect. 

Species of 
Phytophthora  

Recorded Locations Types of Plants Affected 

P. cinnamomi 
Canals, nursery runoff, ponds, 
rivers, streams 

Forests, fruits, 
ornamentals 

P. citrophthora 
Canals, nursery runoff, ponds, 
reservoirs, rivers 

Fruits, ornamentals 

P. cryptogea 
Canals, nursery runoff, ponds, 
reservoirs, streams, wells 

Fruits, ornamentals 

P. nicotianae 
Canals, nursery runoff, ponds, 
reservoirs, streams, wells 

Forests, fruits, 
ornamentals 

P. palmivora Canals Forests, fruits 

 

Discovering such widespread species of Phytophthora is a major economic concern, as it 

affects the saleability of ornamental crops, the edibility of food crops, and can very 

easily spread in runoff from nurseries and other agricultural operations to the 

surrounding environment in runoff from production areas (Table 1-3; Frankel, 2008; 

Graham et al., 1998; Orlikowski et al., 2009; Wells, 1953). 

 

Effects of Species of Phytophthora 

Zoospores of Phytophthora attack roots, crowns, and stems, causing shoot and tip 

blight, along with stem and root rot (Orlikowski, 2009).  It can also cause fruit necrosis, 

damping off, and leaf spots (Campbell and Hendrix, 1967; Orlikowski, 2009).  Several 

outbreaks of root rot, caused by zoospores of P. nicotianae, and brown rot, from 
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zoospores of P. palmivora, destroyed the fruits and roots of fruit trees in Florida from 

1994 to 1997 (Graham et al., 1998).  Species of Phytophthora can cause widespread 

destruction.  After Hurricane Gordon hit Florida, there was a lot of flooding and stressed 

plants, and up to 90% of ornamentals in certain nurseries were infected with zoospores 

of Phytophthora, with an average of 30% infected or displaying symptoms (Graham et 

al., 1998). 

 

Besides greatly affecting nurseries, species of Phytophthora can also affect the 

environment surrounding the nursery.  In the mid 1990’s in the San Francisco Bay area, 

oaks and tanoaks had observable twig blight, leaf spots, and shoot dieback (Frankel, 

2008).  By the year 2000, the zoospores of P. ramorum were isolated from infected 

trees, a species that is pathogenic to 109 species (Frankel, 2008).  The following year the 

California Department of Food and Agriculture (CDFA) passed emergency regulations, 

banning the export of oaks and rhododendrons from the state (Frankel, 2008).  By then 

it was already too late: 20 nurseries across Oregon, Washington, and British Columbia 

already had infected nursery stock (Frankel, 2008).  The forest trees Lithocarpus 

densiflorus (Tanoak) and Quercus agrifolia (Coast live oak) are dying at alarming rates 

after infection by zoospores of P. ramorum, a disease known as Sudden Oak Death 

(Chastagner et al., 2009; Frankel, 2008).  The use of irrigation water from reservoirs 

containing zoospores of P. ramorum aid in the buildup and spread of Sudden Oak Death, 

especially when reservoirs flood into surrounding areas (Chastagner et al., 2009).  This is 
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an emerging problem not only for zoospores of P. ramorum, but also for other species of 

Phytophthora and other plants.  Across the eastern United States, many wild species of 

Rhododendron are at risk for attack from zoospore of P. cinnamomi, a pathogen that has 

been found in many recirculating irrigation systems (MacDonald, 1994; Wells, 1953). 

 

Treatment of Species of Phytophthora 

The need to eliminate species of Phytophthora from nursery runoff water and from 

surface waters is great, as recirculated irrigation runoff is a prime source of zoospores of 

Phytophthora, which are causing diseases in ornamental plants, vegetables, and fruit 

(Bush et al., 2003; Thomson and Allen, 1974).  Species of Phytophthora can survive 19 

months in forest soils and up to six years in orchard and nursery soil (Hwang and Ko, 

1977).  There are several different ways to manage this pathogen: chlorination, 

surfactants, UV light, ozonation, heat, pressure, antimicrobial compounds, avoidance, 

and biological agents (Hong and Moorman, 2005). 

 

Chlorination and surfactants are two chemical options for reducing zoospores of 

Phytophthora. Unfortunately, chlorine is mainly ineffective in killing zoospores of 

Phytophthora, as species have varying levels of sensitivity to the chemical (Hong and 

Moorman, 2005).  This option will not kill soil-embedded pathogens and can be very 

expensive (Hong and Moorman, 2005).  Adding chemical surfactants that lyse species of 

Phytophthora colonies is also expensive and is usually unsuccessful at destroying 
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zoospores (Hong and Moorman, 2005).  Perhaps the biggest disadvantage to chemical 

pathogen treatment is the addition of more dangerous chemicals to the environment; 

treating contaminated water with hazardous materials, making it more dangerous, is 

illogical (Hong and Moorman, 2005).  

 

Treating water with UV light and ozonation are additional conventional treatment 

options.  Ultraviolet light ranging from 200 to 280 nanometers can eliminate pathogens, 

as long as the water is already clean and clear of any particulates (Hong and Moorman, 

2005).  In order for UV treatments to work, the water must be completely free of 

sediment and algae, getting runoff water to that level of clarity is costly and requires a 

holding tank and treatment tank (Hong and Moorman, 2005).  Ozonation also requires 

two additional tanks and additional plumbing.  Much like chlorination, species of 

Phytophthora have differing sensitivities to ozone, making ozonation an expensive and 

feeble treatment option (Hong and Moorman, 2005). 

 

Antimicrobial compounds are considered components of chemical control, and involve 

injection of copper, zinc, sodium phosphate, phosphorus acid, hydrogen peroxide, or 

EDTA into the water (Hong and Moorman, 2005).  These compounds dilute quickly in 

water systems and would add more hazardous compounds and pollutants into an 

already polluted system (Hong and Moorman, 2005). 
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Heating and high-pressure treatment options necessitate extra plumbing and closed 

chambers, which reduce overall irrigation efficiency and are costly (Hong and Moorman, 

2005).  The pressure systems available for treating water only destroy nematodes and 

bacteria, leaving most species of Phytophthora alive and well (Hong and Moorman, 

2005).   

 

A more feasible option for reducing pathogens in water is avoidance.  Avoiding species 

of Phytophthora altogether can be difficult, but growers can still try to avoid conditions 

that favor zoospores of Phytophthora to grow and spread.  Species of Phytophthora 

prefer waterlogged soils and moist conditions, so irrigation methods that flood soils 

ought to be avoided (Orlikowski et al., 2009).  Consistently waterlogged soils and 

overwatering lead to disease epidemics, especially with periods of wetness greater than 

seven days (Graham et al., 1998).  Micro-irrigation strategies, such as drip irrigation, 

prevent extended periods of saturated soil far better than overhead irrigation (Hong and 

Moorman, 2005).  Soils in which susceptible species are grown, such as Rhododendron 

spp. should be of a texture that easily drains (Hong and Moorman, 2005).  These 

susceptible species should not be placed anywhere near water, as any fallen pieces of 

debris could enter the water source and add to the inoculum quantity (Hong and 

Moorman, 2005).  Any pruned or clipped plant wastes should be collected quickly and 

kept from water, to prevent them from becoming food for saprophytic pathogens (Hong 

and Moorman, 2005).  Species of Phytophthora have been found growing in 
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temperatures anywhere from five to 37 °C, but certain temperatures encourage greater 

growth (Tucker, 1931).  Temperatures ranging from 23 to 32 °C support species of 

Phytophthora growth.  Growers can closely monitor plants during times when 

conditions are wet and ambient temperatures are within the range (Graham et al., 

1998).  

 

Avoiding pathogens is an excellent management strategy for growers, helping to 

prevent the spread and increase of inoculum.  In addition to avoidance, biological 

controls, such as wetlands and vegetative buffers to filter pathogen propagules may 

potentially help to suppress zoospores of Phytophthora, if plants in these biological 

treatment systems do not serve as hosts for inoculum.  The wetland lily Canna flaccida 

and two cultivars, Canna ×generals ‘Carolina Pink’ and Canna ×generalis ‘Bird of 

Paradise’ are three such potential plants. 

 

Canna flaccida and Canna Hybrids 

Canna flaccida is an emergent wetland plant native to the southeastern United States 

(Guntenspergen et al., 1988).  Many hybrids (C. ×generalis) and cultivars exist.  Species 

of Canna have relatively high fertility with very few barriers amongst species (Khoshoo 

and Mukherjee, 1970).  Hybrids and cultivars are bred for flower color, flower size, 

number of flowers per inflorescence, blooming period, plant height, and cold resistance 

(Khoshoo and Mukherjee, 1970).  In 1868, the first Canna ×generalis was marketed, as a 
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hybrid between C. glauca, C. iridiflora, and C. indica (Khoshoo and Mukherjee, 1970).  

Since then, many more hybrids and cultivars of Canna have been released, and C. 

flaccida has gone on to produce the elaborate and beautiful group of hybrids known as 

the Italian Canna, C ×orchiodes (Khoshoo and Mukherjee, 1970). 

 

Species of Canna are well adapted for life in a wetland.  Canna flaccida and its cultivars 

grow tall and thin, with upright, lanceolate leaves to maximize the amount of light 

received and to reduce shading (Guntenspergen et al., 1998).  The long stems help 

species of Canna keep stem and leaf tissue above the water line when the wetland 

floods (Guntenspergen et al., 1988).  Like most wetland plants, species of Canna send 

oxygen to their roots to aid in metabolism.  Some oxygen leaks out, which help 

decomposition and denitrification of the wetland (Reddy et al., 1989). 

 

Even though species of Canna are considered ornamental, its use in treatment wetlands 

is widespread.  Species of Canna are used in treatment wetlands surrounding agriculture 

and to filter septic tank effluents (Belmont and Metcalfe, 2003).  When placed in 

studies, species of Canna outperformed other wetland plants in ammonia nitrogen 

removal (Ayaz and Acka, 2001).  It had been nutrient uptake overall when compared 

with Pontederia cordata (pickerelweed) and Scirpus cyperinus (bulrush; Holt et al., 

1998).  Although C. flaccida is considered tropical or subtropical, it had better survival 

and nutrient uptake after frost, with an average temperature of 11 °C, than P. cordata 
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or S. cyperinus (Holt et al., 1998; Belmont and Metcalfe, 2003).  In other studies, C. 

×generalis removed heavy metals and cadmium from water (Cheng et al., 2002).  

C. flaccida and C. ×generalis are excellent at nutrient uptake and adapted for life in a 

treatment wetland.  Because both are native, there is no concern that the lilies would 

spread from the wetland and become invasive, or out-compete native wetland plants 

(Guntenspergen et al., 1988).  Recent studies suggested that Canna flaccida may not be 

susceptible to five species of Phytophthora found commonly in irrigation runoff water: 

P. cinnamomi, P. citrophthora, P. cryptogea, P. nicotianae, and P. palmivora (Ridge, 

2012).  If a constructed treatment wetland was established with species of Canna, the 

zoospores of Phytophthora might have fewer host species to infect, possibly leading to a 

suppression of zoospores.  Reusing irrigation runoff water is important and becoming 

mandatory for the nursery and greenhouse industry.  Growers need a way to safely and 

inexpensively recirculate their water, but plant pathogens pose a heavy threat.  Specific 

plants, such as C. flaccida and C. ×generalis, could help reduce the amount of inoculum 

found in runoff water. 

 

Research Objective 

The purpose of this research is to assess the susceptibility of Canna flaccida, Canna 

×generalis ‘Carolina Pink’ and Canna ×generalis ‘Bird of Paradise’ plants to five species 

of Phytophthora that are frequently found in nursery runoff water.  Plants of each type 

were placed in waterproof pots and exposed to one of the species of Phytophthora. 
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Rhododendron leaves baits were used to indirectly determine the density of zoospores 

and to ensure that the zoospores were motile and capable of infection. At the end of 

the experiment, plant roots were plated with selective V8 medium to determine what 

plants, if any, were infested or infected.  This study will provide necessary information 

to determine if species and hybrids of Canna are susceptible to species of Phytophthora 

and able to suppress zoospores, making them excellent candidates for vegetation-based 

water treatment systems. 
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CHAPTER TWO: POTENTIAL PATHOGENICITY OF FIVE SPECIES OF PHYTOPHTHORA TO 

CANNA FLACCIDA AND TWO CANNA HYBRIDS 

Abstract 

The greenhouse and nursery industries rely on agrichemicals and large volumes of water 

for optimum plant growth.  Constructed wetlands act as vegetative buffers that filter 

contaminants and excess nutrients from runoff water.  The water has potential for reuse 

if the presence of plant pathogens in the water can be reduced or eliminated.  The goal 

of this study was to assess the potential susceptibility of three wetland plants (Canna 

flaccida, C. ×generalis ‘Carolina Pink’, and C. ×generalis ‘Bird of Paradise’) to five species 

of Phytophthora (P. cinnamomi, P. citrophthora, P. cryptogea, P. nicotianae, and P. 

palmivora) that have been found in runoff water at nurseries.  Plants were placed in a 

greenhouse and grown in Milli-Q water amended with fertilizer and independently 

exposed to three isolates of each species of Phytophthora.  Zoospore activity was 

monitored over the course of 28 days with Rhododendron leaf baits, and plant roots 

were examined for infestation and infection at the end of each experiment.  Roots from 

every Carolina Pink plant that were exposed to zoospores were infested, and 75% of the 

plants were infected.  Results from leaf baits for Carolina Pink plants indicated that 

zoospore activity did not decline during the 28 days in the presence of plants.  Canna 

flaccida plants were somewhat less susceptible; 76% of the exposed plants were 

infested but only 23% of the plants were infected.  The Bird of Paradise plants resisted 

colonization by species of Phytophthora even better: 33% of exposed plants were 
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infested and 15% of those plants were infected.  There was also a decline in leaf bait 

colonization in containers with Canna flaccida and ‘Bird of Paradise’ when compared to 

treatments that contained species Phytophthora only and no plants, even after plants 

were re-exposed to zoospores at day 14.  The species of Phytophthora that was most 

successful in colonization of plant roots was P. cinnamomi.  The Carolina Pink cultivar 

cannot be recommended for use in constructed wetlands because it was susceptible to 

species of Phytophthora and may contribute to the inoculum load in nursery irrigation 

runoff water.  Canna flaccida and ‘Bird of Paradise’ could be utilized in vegetative 

buffers, because they were less susceptible and may help to filter inocula from runoff 

water. 

 

Introduction 

The production of ornamental plants requires energetic, agrichemical (fertilizer, 

pesticide), and water inputs.  In general, yearly nitrogen fertilizer applications range 

from 1.8 to 2.7 kg of fertilizer per 92 square meters of flowering ornamentals (Shober et 

al. 2013).  On average, 62 to 800 kg of nitrogen and 17 to 251 kg of phosphorus per 

hectare are applied each year (Majsztrik and Lea-Cox, 2013).  Pesticides such as 

insecticides, herbicides, and fungicides also are used, and these chemicals can leach into 

surrounding waters (Stevenson et al., 1997).  Nationwide, ornamental plant nurseries 

use approximately 223 billion liters of water each year, and anywhere from 18,000 to 

90,000 liters per hectare per day of this water, runoff production areas after irrigation 
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events (Majsztrik 2011).  Runoff water contains excess nutrients, such as nitrogen and 

phosphorus, that can leach into soil profiles of the surrounding area, groundwater, and 

surface waters and can disrupt the ecosystem and negatively affect human health 

(Chang et al., 2012).  

 

As runoff water contaminates ground and surface water supplies, increased scrutiny is 

placed on non-point-source contributors, such as agricultural and horticultural 

producers, and the chemicals released in their runoff water (Hong and Moorman, 2005; 

Kaushal 2011; US-EPA 2011).  Total maximum daily load (TMDL), as enforced by the 

United States Environmental Protection Agency (EPA), restrict the highest load 

(concentration × volume) of a pollutant that a body of water can contain over a 

specified period of time, while still meeting EPA water quality criterion (Polomski et al., 

2007; Taylor et al., 2006). 

 

To comply with regulatory requirements, specialty-container crop producers are 

beginning to treat and reuse irrigation runoff water. Not only does the treatment and 

reuse of water help runoff from grower operations comply with watershed specific 

TMDLs but also reduces the overall volume of water used by growers (Majsztrik and Lea-

Cox, 2013).  Quality water is becoming an increasingly scare and expensive resource, as 

competition among urban, industrial, and agricultural uses has further impacted 

availability while increasing cost (Majsztrik and Lea-Cox, 2013).  Conventional treatment 
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of irrigation water includes chemical oxidation, chemical surfactants, chlorination, and 

UV light treatments, but these are costly options and have great potential to generate 

more environmental problems (Berghage et al., 1999; Hong and Moorman, 2005).  More 

ecologically sound options for growers are vegetated buffers and/or constructed 

wetlands (Reddy et al., 1990; Taylor et al., 2006; White, 2011). 

 

Constructed wetlands capture and store runoff water, and absorb excess nutrients, 

along with providing habitat for wildlife (Felerabend, 1988; Knight, 1997; Reddy, et al., 

1990; Taylor et al., 2006; White, 2011; Worrall et al., 1997).  The capacity of a 

constructed wetland system to remediate excess nutrients and contaminants, making 

the runoff water fit for reuse or release, is well documented (Ayaz and Acka 2001; 

Chang et al. 2012; Gersberg et al. 1986; Neralla et al. 1999; Wood 1995).  The potential 

limitation to the use of constructed wetlands for treatment of production runoff for 

reuse is the presence of plant pathogens in the water. 

 

Species of Phytophthora, an important group of plant pathogens, have been found 

worldwide in runoff and irrigation water throughout the United States, Canada, South 

Africa, Australia, and the United Kingdom (Bush et al. 2003; Berghage et al. 1999; Erwin 

and Riberio 1996; Green 1959; Graham et al. 1998; Hong and Moorman 2005; Jeffers et 

al, 2010; Macdonald et al. 1994; Orlikowski et al. 2009; Oudemans 1999; Pettitt et al. 

1997; Shokes and McCarter 1979; Thomas and Allen 1974; Yamak et al. 2002).  Species 
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of Phytophthora are oomycetes that resemble fungi physiologically and morphologically, 

but are not a true fungi in Kingdom Fungi (Thomson et al. 1974).  Instead, they are more 

closely related to primitive algae in the Kingdom stramenopila and many species are 

well suited to aquatic environments (Erwin and Riberio 1996; Thomson et al., 1974).  

Many species of Phytophthora attack plant roots, stems, and foliage, causing root rot, 

crown rot, blight, damping off, necrosis, and leaf spots (Orlikowksi et al., 2009).  Species 

of Phytophthora reproduce sexually and asexually.  The asexual motile zoospores are 

particularly well-adapted to aquatic life and can survive 30 days in water (Hwang and 

Ko, 1977; Pettitt et al., 1997).  Due to their distribution and potential for economic and 

ecological damage to plants in communities and natural settings, presence of species of 

Phytophthora in production runoff is a major concern (Frankel, 2008; Graham et al., 

1998, Jeffers et al., 2010; Orlikowski et al., 2009, Wells, 1953). 

 

Chemical treatments to eradicate zoospores of Phytophthora such as chlorination, 

ozonation, and copper ionization can be effective but are costly and have the potential 

to harm ecosystem and human health (Hong and Moorman, 2005).  Conversely, 

constructed wetlands are considered a low-cost option after installation and are low in 

maintenance when compared with conventional chemical treatments (Ayaz and Acka, 

2001; Wood, 1995).  The presence of species of Phytophthora in constructed wetlands 

poses a problem to the plants acting as vegetative buffers as infections could damage 

plant populations in the wetland or could contribute to the accumulation of inocula.  
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Therefore, it is important that plants selected for establishment in constructed wetlands 

or vegetative buffers at ornamental plant production facilities are not susceptible to 

infection by species of Phytophthora. 

 

Therefore, the objective of this research was to assess the potential susceptibility of 

three aquatic plant species (Canna flaccida, Canna ×generalis ‘Bird of Paradise’, and 

Canna ×generalis ‘Carolina Pink’) to five species of Phytophthora commonly found at 

ornamental plant nurseries.  Previous research at Clemson University has shown 

potential levels of low susceptibility in C. flaccida, and thus C. flaccida and two hybrids 

of Canna were selected for susceptibility evaluation(Ridge et al. 2014).  The goal is to 

identify plant species or cultivars that are not susceptible infection, and, therefore could 

be potential candidates for use in vegetated buffers and constructed wetlands. 

 

Materials and Methods 

Species of Phytophthora 

Five species of Phytophthora were selected for this study; all have been found in 

nurseries in the southeastern United States: P. cinnamomi, P. citrophthora, P. cryptogea, 

P. nicotianae, and P. palmivora (Bush et al., 2003; Graham et al., 1998; Olson and 

Benson, 2011).  For each of the five species, three isolates were used.  All fifteen isolates 

used in this study were from a permanent collection at Clemson University in the 

laboratory of S. N. Jeffers (Table 2-1).  Fifteen isolates had been recovered from plant 
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roots, crowns, or stems. Fourteen isolates were from plants in South Carolina with one 

isolate of P. citrophthora was collected from a plant in Georgia.  Cultures were 

maintained on PARPH-V8 selective medium (Ferguson and Jeffers, 1999).  Cultures to be 

used as inoculum were grown on 10% non-clarified V8 juice agar at 25°C for three days; 

V8A contained 450 mL of distilled water, 50 mL of V8 juice, 0.5 g CaCO3, and 7.5 g of 

Bacto Agar (Ridge 2013). 

 

Plant Species 

One species and two hybrids of Canna were used in this study: Canna flaccida, Canna 

×generalis ‘Carolina Pink’, and Canna ×generalis ‘Bird of Paradise’.  Canna flaccida plants 

were received as 10-cm-tall seedlings (Charleston Aquatic Nurseries, Johns Island, SC), 

and the two hybrids were received as 3.8-cm-diameter plugs in a 72-plug tray (AG3, Inc., 

Eustis, FL).  Prior to the experiment initiation, total plant mass, root length (measured 

from crown to root tip) and shoot height (measured from crown to the tip of the longest 

leaf) were measured for each plant.  Roots were soaked in 10% concentrated 

insecticidal soap solution (Woodstream Corp., Lititz, PA) for 10 minutes, rinsed with 

water, and then held and swirled in a 10% bleach solution for 1 minute eliminate any 

pests or pathogens that might have been on the surface of roots.  After the roots were 

submerged in the bleach solution, they were thoroughly rinsed with water and patted 

dry.  All plants then were tested for presence of naturally-occurring species of 

Phytophthora using a leaf bait bioassay (see ‘Pathogen monitoring’ below).  Each 
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individual disinfested plant was placed in a plastic aerator cup that was suspended in 1.9 

L aquatic plastic containers (Amerikan Nursery Products, Inc., Sarasota, FL) that were 

filled with Milli-Q water (EMD Millipore Corporation, Billerica, MA) and amended with 

20 ppm of a 20-2-20 NPK nitrate-special water-soluble fertilizer (Southern Agricultural 

Insecticides, Inc., Hendersonville, NC). 

 

Potential Plant Susceptibility 

For each Canna plant type, two experiments were conducted, and each experiment was 

conducted in a greenhouse for 28 days.  Each individual plastic aquatic pot, with or 

without plants, was arbitrarily placed on greenhouse tables.  Experiments with plants of 

C. flaccida were conducted in March 2013 and October 2013; experiments with plants of 

C. ×generalis ‘Carolina Pink’ were conducted in July 2013 and April 2014, and 

experiments with plants of C. ×generalis ‘Bird of Paradise’ were conducted in September 

2013 and April 2014.  Each experiment was conducted using a randomized complete 

block design with three sets of treatments: five treatments in which plants were 

exposed with a single species of Phytophthora, one treatment with only plants, and five 

treatments with only a species of Phytophthora present.  In the first experiment with 

each plant type, six replicates were used for each species of Phytophthora with plants; 

therefore plants were exposed to individual species of Phytophthora. Three replicates 

were used for each species of Phytophthora with no plant; these treatments serve to 

validate zoospore release and activity in water over time.  Six total replicates were used 
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for the negative control, which consisted of plants without exposure to any inoculum.  

In the second experiments with each plant type, the number of replicates in each 

treatment sets was changed. Six replicates were used for plant and species of 

Phytophthora treatment.  Six replicates were used for each treatment set with only a 

species of Phytopthora, and three replicates were used for treatment set with only 

plants.  Containers in treatment sets that included a species of Phytopthora were 

infested individually.  For each of the species of Phytophthora, three agar plugs from 

each of the three isolates were placed in a container, for a total of nine agar plugs of 

species of Phytophthora in each container.  

 

Pathogen and Water Temperature Monitoring 

The agar plugs were given one day to settle and begin producing zoospores.  5-mm-

diameter leaf discs were punched from Rhododendron catawbiense ‘English Roseum’ 

leaves and were floated on the surface of the water in each container to monitor for 

zoospore activity (Ridge et al. 2014).  Three days later, leaf baits were collected from 

each container, blotted dry, and embedded in PARPH-V8 selective medium in a petri 

plate.  The plates were held at 25°C in the dark for 3 days, and then the perimeter of 

each leaf disc was observed microscopically (30 to 70×) for development of species of 

Phytophthora hyphae. The leaf baits were scored on a scale of 0 to 5; 0 = 0%, 1 = 1 – 

25%, 3 = 26-50%, 4 = 51-75%, 5 = 76-100% (Ridge 2013) (Table 2-2).  In addition, the 

numbers of leaf discs colonized were recorded. 
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After the leaf baits were removed, six more leaf discs were added to each container.  

Leaf discs were removed and replaced every 3 days through the 28-day trial.  At day 14, 

nine additional agar plugs of a species of Phytophthora (three plugs from the three 

isolates) were added to all infested containers to maintain adequate densities of 

zoospores, which tended to decline naturally around day 14 (Ridge et al. 2014). 

 

The temperatures of the aqueous solutions in four arbitrary containers were monitored 

continuously throughout each 28-day experiment, using a temperature sensor that was 

placed beneath the surface of the water in each of the four pots.  At the end of the 

experiment, sensors were removed, and data from the loggers for the last 28 days were 

downloaded to a computer. 

 

Plant Harvest and Pathogen Isolation from Roots 

Starting on day 28, plants were removed from the containers for evaluation; harvest 

duration ranged from 1 to 5 days.  The fresh weight (g) of each plant was measured and 

the root length of each system was measured from crown to tip, and the length of the 

shoots was measured on each plant from crown to the tip of the longest leaf.  The root 

systems were placed in sealed plastic bags and stored at 15°C in the dark until 

assayed—no more than 3 days.  Each root system was divided into two sections and 

assigned for infestation or infection.  One section was rinsed with water, blotted dry, 

and cut into 1- or 2-cm pieces; 8 root pieces were embedded in PARPH-V8 selective 
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medium, and plates were held at 25°C in the dark for 3 days to isolate species of 

Phytophthora.  These water-rinsed roots were used to determine if a plant was infested 

by a species of Phytophthora.  The other root section was rinsed with water and then 

soaked and agitated in a 10% bleach solution containing two drops of Tween 80 soap 

(Sigma Aldrich, St. Louis, MO) for 30 seconds.  Roots again were rinsed with water, 

blotted dry, and cut into 1- or 2-cm pieces; isolation was conducted as described above.  

These surface-disinfested roots were used to determine if the plants were infected by a 

species of Phytophthora.  If hyphae of a species of Phytophthora grew from any one of 

the 8 root pieces, whether water-rinsed or surface-disinfested, the plant was considered 

infested or infected, respectively.  In the first trial, a total of 32 pieces were collected 

from each plant; 16 from surface sterilized roots and 16 from water-rinsed roots.  Of the 

16 pieces, 8 pieces were collected from the tip of the root system and 8 pieces were 

collected from half way between the crown and the tip.  For the second trial, 16 root 

pieces were collected total; 8 from surface-sterilized roots and 8 from water-rinsed 

roots.  Root pieces were collected arbitrarily from the lower one-half of the root system. 

 

Statistical Analyses 

The response variables evaluated were leaf bait infection (percentage), zoospore 

density by water filtration (CFU), the lengths (cm) of shoots and roots, and root 

infestation and infection (percentage).  Data were analyzed using JMP v.9.0 software 

(SAS Institute, Cary, NC) and all statistical hypothesis tests were conducted with α=0.05.  
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Statistical analyses of response variables were based on analysis of variance (ANOVA), to 

determine if mean response differed among treatment sets, defined by the treatment 

set combinations of ‘plant only’, ‘Phytophthora only’, and ‘plant + Phytophthora’ and 

species.  ANOVA were performed for each plant species, and also for the overall means 

of the response variables over time.  If ANOVA indicated significant differences among 

the treatment sets, a series of contrasts were defined to test the main effects of ‘plant’ 

vs. ‘no plant’ and differences among the Phytophthora species (α = 0.05).  Regression 

analyses of the response variable means over time were also used to understand the 

nature of the treatment differences.  Contrasts were performed with the activity of 

Phytophthora in the ‘plant + Phytophthora’ treatment set over the 28-day experimental 

duration. 

 

Results 

The mean percent colonization of the perimeter of leaf baits by Phytophthora species 

was used as an indirect measure of zoospore activity and used as a measure of severity 

(Table 2-2).  Agar plugs, with actively growing mycelia of species of Phytophthora, were 

placed at the bottom of each container, and colonization of the leaf baits was a direct 

result of zoospore release from species of Phytophthora sporangia.  The activity of the 

zoospores was measured and compared over time, along with infestation and infection 

rates of plant roots at the end of each experiment.  Three experiments were conducted; 

one for each plant species, and two trials were conducted per plant species.  Data from 
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the two trials of the same plant species were pooled together, as no significant 

difference in infection or plant response was noted between trials of C. flaccida (P = 

0.86), Canna ×generalis ‘Carolina Pink’ (P = 0.1) and Canna ×generalis ‘Bird of Paradise’ 

(P = 0.21).  Bait perimeter colonization and root infestation and infection rates were 

compared amongst the three plant species to determine if plant species differed in 

potential susceptibility to Phytophthora spp.  

 

The mean temperatures of the aqueous solution was 21.5± 5.1 °C for C. flaccida trials in 

March and October, 27.9± 5.0 °C for Carolina Pink plant experiments in April and July 

trials, and 23.5± 6.0 °C for Bird of Paradise plant experiments in April and September 

(Figure 2-1).  Aqueous temperatures ranged from 20.9 to 29.4°C for C. flaccida trials, 

13.5 to 33.3°C for Carolina Pink plant experiments, and 13.4 to 32.6°C for Bird of 

Paradise plant experiments (Figure 2-1). 

 

Canna flaccida 

Leaf Baits 

The mean percent colonization of leaf baits differed among Phytophthora species 

(P<0.0001) and over time (P<0.0001, Table 2-3).  The severity (percent of leaf bait 

perimeter colonized) and incidence (whether leaf baits were colonized at all or not) 

were measured with plant presence and without (Table 2-4).  The severity and incidence 

of leaf bait colonization was statistically lower with plants than without for the species 
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of P. citrophthora, P. cryptogea, P. nicotianae, and P. palmivora (Table 2-4).  Across all 

five Phytophthora species, severity of leaf bait colonization with plants was 17% lower 

than without plants (P = 0.001).  Over time, the plants that were exposed to species of 

Phytophthora were able to significantly lower leaf bait colonization severity for at least 

one species of Phytophthora on every one of the measured days (Table 2-5). 

 

Root Infestation and Infection 

At harvest on day 28, roots were collected from each plant and plated.  Data from the 

two trials was merged (P=0.48); therefore root infection data are reported for 12 plants 

(144 root pieces) per species of Phytophthora (Table 2-6).  Infestation of Canna flaccida 

plants and root pieces differed among Phytophthora treatments (P = < 0.0001, Table 2-

3).  For infested plants and pieces, P. cinnamomi and P. cryptogea infested the highest 

amounts of plant material. 

 

Plant Mass, Shoot Height, and Root Length 

The masses, shoot heights, and root lengths of every plant were measured at the 

beginning and end of each experiment and the relative growth rate calculated.  The 

relative growth of Canna flaccida plant mass for plants exposed to species of 

Phytophthora was not significantly different than plants that were not exposed (P –

value = 0.65, Table 2-7).  The relative growth rates of shoot heights for plants that were 

exposed were all negative, suggesting that exposure to species of Phytophthora 
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negatively impacted shoot growth.  Plants exposed to Phytophthora cinnamomi, P. 

nicotianae, and P. palmivora had significantly different shoot height relative growth 

rates than the ‘Plant Only’ treatment set (Table 2-7).  Plants that were exposed to 

Phytophthora cinnamomi had significantly different relative root growth rates than 

plants that were not exposed (Table 2-7). 

 

Canna ×generalis ‘Carolina Pink’ 

Leaf Baits 

The mean percent colonization of leaf baits differed among Phytophthora species 

(P<0.0001) and over time (P<0.0001, Table 2-3).  The severity and incidence were 

measured with plant presence and without (Table 2-4).  The incidence of leaf bait 

colonization was not statistically different with or without plants (P = 0.21), and the 

severity of leaf bait colonization was not statistically different with or without plants (P = 

0.1).  Over time, the plants that were exposed to species of Phytophthora were able to 

significantly lower leaf bait colonization severity for day 4 and day 7 (with the exception 

of P. cinnamomi and P. cryptogea on day 7), but no other days (Table 2-5). 

 

Root Infestation and Infection 

After the 28 exposures, roots were collected from each plant and plated to determine 

infestation and infection rates (Table 2-8).  Every plant that was exposed to a 

Phytophthora species was infested by the end of the 28 days.  There was no difference 
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amongst Phytophthora treatments for infested plants (Table 2-8).  Plants exposed to P. 

palmivora had the greatest infection percentage (100%).  Plants exposed to either P. 

cinnamomi or P. citrophthora had the same amount of infection, with 66.7% infected. 

Phytophthora cryptogea infected seven plants (58.3%) and P. nicotianae infected six 

(50%). 

Plant Mass, Shoot Height, and Root Length 

The masses, shoot heights, and root lengths of every plant were measured at the 

beginning and end of each experiment and the relative growth rate calculated.  The 

relative growth rates of mass, shoot height, and root length of plants exposed to species 

of Phytophthora were not significantly different than the relative growth rates of plants 

that were not exposed (Table 2-9). 

Canna ×generalis ‘Bird of Paradise’ 

Leaf Baits 

The mean percent colonization of leaf baits differed among Phytophthora species 

(P<0.0001) and over time (P<0.0001, Table 2-3).  The severity and incidence were 

measured with plant presence and without (Table 2-4).  The incidence and severity of 

leaf bait colonization was statistically different with plants than without plants for all 

species of Phytophthora, with P – values of <0.0001, except for the incidence of P. 

cinnamomi, which had a P –value of 0.02.  Over time, plants that were exposed to 
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species of Phytophthora were able to lower leaf bait colonization severity for every day 

that was measured (P<0.0001, Table 2-5), except for plants exposed to P. cinnamomi on 

days 7, 13,and 16, and plants exposed to P. palmivora on day 16. 

Root Infestation and Infection 

At the end of the 28-day experiment, roots were collected from each plant and plated to 

quantify infestation and infection rates (Table 2-10).  The capacity of species of 

Phytophthora to infest Bird of Paradise plants (P = 0.0043) and root pieces (P = 0.03) 

differed.  Plants exposed to P. cinnamomi had the highest infestation percentages 

(83.3%), followed by P. palmivora (41.7%) then P. cryptogea (25%), and P. nicotianae 

(16.7%), with infestation of no plants exposed to P. citrophthora. 

Shoot Height, Root Length, Mass 

The masses, shoot heights, and root lengths of every plant were measured at the 

beginning and end of each experiment and the relative growth rate calculated.  The 

relative growth rates of mass, shoot height, and root length of plants exposed to species 

of Phytophthora were not significantly different than the relative growth rates of plants 

that were not exposed (Table 2-11). 

Discussion 
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This research evaluated the potential susceptibilities of three aquatic plants of five 

species of Phytophthora (P. cinnamomi, P. citrophthora, P. cryptogea, P. nicotianae, and 

P. palmivora).  Within all plant trials, colonization of leaf baits by Phytophthora directly 

demonstrated that zoospores were present in the aqueous solutions and able to infect 

plant tissue.  The percent of leaf bait perimeter colonized has been determined as an 

indirect measure of zoospores of Phytophthora activity (Ridge et al. 2014).  Any 

consequent reduction in percent of leaf bait tissue infected may be a result of reduced 

zoospore activity or decreased release of zoospore inocula from the agar plugs. 

Differences in leaf bait colonization also can be influenced by the virulence 

(pathogenicity) of the species of Phytophthora and their isolates. 

Zoospore activity in the P. palmivora and P. nicotianae ‘Phytophthora only’ treatments 

was variable for the C. flaccida trials.  This variability could in part be attributed to water 

temperatures.  The mean temperature of the aqueous solutions in this trial was 21.5°± 

5.1°C.  The optimum temperature range for zoospores of P. palmivora growth is 

between 26 and 28°C (Rao, 1970), and the optimum temperature range for P. nicotianae 

is between 25 and 30°C (Erwin and Ribeiro, 1996).  These suboptimal temperatures 

could account for decreases in zoospore activity of P. palmivora and P. nicotianae. 

The optimum temperature range for infected root material for zoospores of P. 

citrophthora zoospores is 9 to 27 °C, with root infection possible with temperatures as 
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high as 33 °C (Matheron and Porchas, 1996).  Water temperature ranges were within 

this desired range for all 6 trials, and zoospore activities of P. citrophthora in the 

‘Phytophthora only’ treatment were relatively constant.  Likewise, the zoospore activity 

of P. cryptogea does not decline until temperatures are as high as 33 to 36 °C 

(MacDonald and Duniway, 1978).  The optimum temperature range for zoospores of P. 

cinnamomi is 20 to 32.5°C, but can survive as high as 36°C (Zentmyer et al., 1976). 

Therefore, zoospore activity in ‘Phytophthora only’ treatments was not impaired in any 

of the trials for these three species. 

Canna flaccida plants exposed to P. cinnamomi were 100% infested and 67.7% infected, 

demonstrating zoospore capacity to easily infest and infect C. flaccida roots.  Of the five 

species of Phytophthora, C. flaccida was most susceptible to infection by zoospores of P. 

cinnamomi, followed by zoospores of P. palmivora.  The presence of Canna flaccida 

plants inhibited the zoospores’ ability to colonize leaf baits, as seen by decreased leaf 

bait colonization severity and incidence.  Data suggest that exposure to species of 

Phytophthora did not negatively affect the plant’s mass, but potentially negatively 

affected shoot growth when plants were exposed to zoospores of P. cinnamomi, P. 

nicotianae, and P. palmivora, and negatively affected root growth when plants were 

exposed to zoospores of P. cinnamomi (Table 2-7). 

Carolina Pink plants were highly susceptible to all five species of Phytophthora, and 

because of this, high zoospore activity as evidences by leaf bait severity and incidence 
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rates.  The presence of Carolina Pink plants did not inhibit the activity of zoospores from 

day 10 to day 28.  Every Carolina Pink plant in the ‘plant and Phytophthora’ treatment 

was infested by the end of 28 days.  Plant infection rates ranged from 100% for 

zoospores of P. cinnamomi to 50% by zoospores of P. nicotianae, the lowest infection 

rate.  The relative growth rates of the masses, shoot heights, and root lengths of 

Carolina Pink plants exposed to species of Phytophthora were similar to those of non-

exposed plants. 

Zoospores of Phytophthora cinnamomi and P. palmivora were the two pathogen species 

that had the most success in infecting leaf baits in the presence of Bird of Paradise when 

compared with the other three species of Phytophthora.  When comparing treatments 

with Bird of Paradise plants present to treatments without, the plants inhibited 

zoospore activity by 46.5%.  Bird of Paradise plants were least successful in suppressing 

the activity of zoospores of P. cinnamomi and P. palmivora.  Overall, Bird of Paradise 

plants achieved high zoospore suppression, reducing the zoospore activity of three 

species of Phytophthora by over half (P. nicotianae, P. citrophthora, and P. cryptogea). 

Bird of Paradise plants that were exposed to species of Phytophthora had very low 

probability of infection, with statistical analysis showing no difference in infection rates 

between exposed and non-exposed plants.  The presence of species of Phytophthora did 

not negatively affect the relative mass, shoot height, or root length of the plants that 

were exposed. 
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Very little research has been done on the susceptibility of aquatic plants to species of 

Phytophthora.  While the presence of species of Phytophthora in nursery runoff and 

irrigation water is well known, little works has been completed evaluating the 

susceptibility of aquatic plant species.  This initial evaluation indicates that Carolina Pink 

was highly susceptible to infection by species of Phytophthora and minimally suppressed 

zoospore activity over time.  Because Carolina Pink plants were susceptible to infection 

by the five species of Phytophthora evaluated, there is potential that infected plants 

could harbor spores and eventually release inoculum from infected root systems, and 

this potential should be evaluated.  Carolina Pink plants would not be a good wetland 

plant option for growers, as it is susceptible to species of Phytophthora that are 

common in runoff water. 

Canna flaccida and Bird of Paradise plants were able to inhibit zoospore activity more 

consistently, as over all species of Phytophthora evaluated, C. flaccida reduced leaf bait 

infection by 18.9% and Bird of Paradise plants by 46.5%.  When compared with Carolina 

Pink plants, both C. flaccida and Bird of Paradise plants had lower infestation and 

infection rates, particularly Bird of Paradise plants, which was neither infested nor 

infected at all by zoospores of P. citrophthora.  Canna flaccida is a plant native to the 

southeastern United States and can already be found in natural wetlands.  Bird of 

Paradise is a named cultivar with commercial production value, which exhibited 
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potential resistance to infection by species of Phytophthora in this study.  Both species 

may be prime candidates for inclusion in vegetated treatment systems designed to 

cleanse production runoff of pathogen propagules. 
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Table 2-1.  Sources of 15 isolates of five species of Phytophthora used in this studya. 

Species Isolate no. Host Plant 
Isolate 
Location 

County Location 

P. cinnamomi 02-0912 Itea virginica 'Little Henry' Roots Pickens Landscape 
 02-1054 Rosa banksiae Roots Lexington Landscape 
 10-0053 Viburnum obovatum Roots Hampton Landscape 

P. citrophthora 07-0248 Rosa x 'Home Run' Roots York Nursery 

 07-0303 Heuchera x 'City Lights'  Crown Aiken Nursery 
 S. lat 3.5 Sagittaria latifolia Roots Grady, GA Nursery 

P. cryptogea 03-0222 Dicentra x 'King of Hearts' Roots York Nursery 
 05-0491 Sedum spurium Stem York Nursery 
 06-0989 Euphorbia amygdaloides Roots Aiken Nursery 

P. nicotianae 05-0690 H. paramutabilis x syriacus Stem Edgefield Nursery 
 06-0496 Perovskia sp. Roots York Nursery 
 07-1391 Rosa x 'The Fairy' Roots Berkeley Nursery 

P. palmivora 98-0092 Pickneya pubens Roots Aiken Nursery 
 98-0177 Juniperus sp. Roots Charleston Landscape 
 02-0875 Nerium oleander Roots Georgetown Landscape 
b All isolates were from counties in South Carolina, except one isolate from plants in a nursery in Grady County, Georgia (GA).  
a Isolates from South Carolina were recovered from samples that were submitted to the Clemson University Plant Problem Clinic, but 
isolate S.lat 3.5 was isolated by G. A. Ridge.  All isolates are maintained in a permanent collection at Clemson University.  
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Table 2-2. Rating scale used to quantify the circumference percentage of infected leaf 

baits. 

Rating value Perimeter colonized (%)a 

0 None 

1 1-25 

2 26-50 

3 51-75 

4 76-99 

5 100 

 

a Estimated percentage colonized with Phytophthora hyphae of the circumference of the 

leaf bait, five mm in diameter. Leaf baits were removed from plant containers, patted 

dry, and submerged in PARPH-V8 selective medium. Plates were held in a dark 25°C 

incubator for three days. 
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Table 2-3. One-way analysis of variance for the main effects and overall P-value for 

Canna flaccida and the two Canna hybrids 

  

  Main Effects 

Plant Type Prob < F 
Phytophthora 
Species 

Days After 
Exposure 

Phytophthora 
Species * Days 
After Exposure 

Canna flaccida < 0.0001 < 0.0001 < 0.0001 < 0.0001 
Carolina Pink < 0.0001 < 0.0001 < 0.0001 < 0.0001 
Bird of Paradise < 0.0001 < 0.0001 < 0.0001 < 0.0001 
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Table 2-4. Activity of zoospores of five species of Phytophthora in aqueous solution alone or with plants of Canna 

flaccida and two Canna hybrids 

Plant Type 
Species of 
Phytophthora 

Incidence of Bait Colonization (%)a Severity of Bait Colonization (%)b 
With 
Plant 

Without 
Plant 

P-value 
With 
Plant 

Without 
Plant 

P-value 

Canna flaccida P. cinnamomi 99.8 99.6 0.91 90 98 0.059 
P. citrophthora 85.4 98.4 0.01 62 89 <0.0001 
P. cryptogea 81.1 99.3 0.01 57 90 <0.0001 
P. nicotianae 75.3 98.7 0.01 51 64 <0.0001 
P. palmivora 87.8 97.5 0.01 71 78 0.001 
All Species 85.8 98.7 0.01 66 83 <0.0001 

Carolina Pink P. cinnamomi 100 100 1.0 95 99 0.19 
P. citrophthora 100 100 0.22 86 99 0.16 
P. cryptogea 99.3 100 0.06 93 99 0.18 
P. nicotianae 99.3 100 0.06 76 99 0.1 
P. palmivora 99.6 100 0.21 86 99 0.1 
All Species 99.6 100 0.21 87 99 0.1 

Bird of Paradise P. cinnamomi 96.7 100 0.02 82 97 <0.0001 
P. citrophthora 81 100 <0.0001 37 98 <0.0001 

 
P. cryptogea 88.8 100 <0.0001 40 98 <0.0001 
P. nicotianae 79.9 100 <0.0001 34 98 <0.0001 
P. palmivora 90.4 100 <0.0001 67 98 <0.0001 
All Species 87.3 100 <0.0001 52 98 <0.0001 

aIncidence: Percent of leaf baits that were colonized over 28 days. 
bSeverity: Percent of perimeter colonized on leaf baits over 28 days. 
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Table 2-5. Reductionz in leaf bait severity (percent) in the presence of plants.   

 * Represents a significant difference from the ‘Phytophthora only’ treatment and the specific species of Phytophthora 

Plant Type Species of Phytophthora Days after Exposure 

4 7 10 13 16 19 22 25 28 
Canna 
flaccida P. cinnamomi -6% 3% 2% -4% 0% -13%* -6% -20% -20%* 

P. citrophthora -11% -2% -23%* -20% -2% -30%* -23%* -71%* -65%* 
P. cryptogea -6% -30%* -19%* -34%* -16%* -12%* -40%* -76%* -69%* 
P. nicotianae 5% 1% -23%* -17% 5% -11%* -4% -55%* -36%* 
P. palmivora 17%* 4% -20%* -10% -12% -6% -11% -45%* -46%* 
1-Way ANOVA Main Effect 0.003 <.0001 <.0001 0.01 0.01 <.0001 <.0001 <.0001 <.0001 

Carolina 
Pink P. cinnamomi -10%* -4% -1% -3% -1% -1% -1% -1% -2% 

P. citrophthora -29%* -13%* -2% -5% -2% -2% -2% -3% 0% 
P. cryptogea -26%* -6% -1% 0% -1% -2% -1% -1% -1% 
P. nicotianae -28%* -21%* -1% -3% -1% -1% -1% -2% -1% 
P. palmivora -25%* -13%* -1% -5% -1% -2% -1% -2% -1% 
1-Way ANOVA Main Effect <.0001 <.0001 0.045 0.249 0.593 0.284 0.064 0.301 0.078 

Bird of 
Paradise P. cinnamomi -22%* -7% -27%* -5% -3% -15%* -20%* -21%* -22%* 

P. citrophthora -56%* -32%* -49%* -72%* -41%* -68%* -73%* -72%* -70%* 
P. cryptogea -63%* -31%* -51%* -66%* -56%* -62%* -72%* -61%* -64%* 
P. nicotianae -56%* -82%* -68%* -73%* -61%* -55%* -68%* -55%* -67%* 
P. palmivora -52%* -28%* -32%* -5%* -7% -39%* -43%* -30%* -44%* 
1-Way ANOVA Main Effect <.0001 <.0001 <.0001 <.0001 <.0001 <.0001 <.0001 <.0001 <.0001 
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z Values shown represent percent severity of infection of leaf baits in the no-plant treatments subtracted.  Percentages 

were found by taking the mean leaf bait severity of the ‘plant + Phytophthora’ treatment set from the ‘Phytophthora only’ 

leaf bait severities.  Negative numbers demonstrate that the presence of plants reduce leaf bait severity rates. 
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Table 2-6.  Number and percentage of Canna flaccida plants infested and infected by each of five species of Phytophthora 

after 28 days in a greenhouse. 

    Infested  Infected 

    Plants a Root Pieces b  Plants a Root Pieces b 

 Species of Phytophthora   no. %  no. %    no. %  no.  %    

P. cinnamomi   12 100 Ac 81 56.3 A 
 

8 66.7  15 10.4  

P. citrophthora   10 83.3 B 23 16.0 C 
 

3 25.0  8 5.6  

P. cryptogea   12 100 A 34 23.6 BC 
 

2 16.7  2 1.4  

P. nicotianae   7 58.3 CD 15 10.4 BC 
 

0 0.0  0 0.0  

P. palmivora   7 58.3 CD 19 13.2 AB 
 

1 8.3  1 0.7  

Plant Only  0 0.0 D 0 0.0 D  0 0.0  0 0.0  

1-Way ANOVA  P = 0.004 P = 0.03  P = 0.333 P = 0.290 

a Isolation from 12 plants; six plants for each species of Phytophthora were used in each of the independent experiments.  

b Isolation from 144 root pieces.  First trial: each of the plants had 16 root pieces, for 96 in all.  Second trial: each of the 

plants had 8 root pieces, for 48 pieces in all. 

c Means followed by the same letter are not significantly different; found with a least square mean comparison (α=0.05)
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Table 2-7.  Difference in the relative growth rate (mean percent ± standard deviation) 

of Canna flaccida derived from change in mass (g), shoot height (cm), and root length 

(cm) from trial initiation to harvest (32 days).  

Treatment Mass Shoot Root 
Plant Only 10% ± 7% 16% ± 11% 18% ± 13% 
P. cinnamomi 18% ± 16% -24% ± 28%, * -20% ± 23%, * 
P. citrophthora 15% ± 7% -13% ± 16%, NS 31% ± 18%, NS 
P. cryptogea 25% ± 17% -13% ± 14%, NS 19% ± 27%, NS 
P. nicotianae 13% ± 25% -23% ± 19%, * 26% ± 16%, NS 
P. palmivora 25% ± 24% -22% ± 25%, * 6% ± 26%, NS 
       

1-way ANOVA F value P > F F value P > F F value P > F 
Main effect 0.701 0.650 0.079 0.010 0.008 0.002 

* Represents a significant difference from of the plant only treatment and the specific 

Phytophthora spp. treatment.  NS = Not statistically different from ‘Plant Only’.  

Determined using Student’s t test, least square mean comparison (α = 0.05), comparing 

‘Plant Only’ treatment set to plants that had been exposed to one of five species of 

Phytophthora.
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Table 2-8.  Number and percentage of C. ×generalis ‘Carolina Pink’ plants infested and infected by each of five species of 

Phytophthora after 28 days in a greenhouse. 

    Infested  Infected 

    Plants Pieces  Plants Pieces 

 Species of Phytophthora   no. %a  no. %b    no. %  no.  %  

P. cinnamomi   12 100 A 88 91.7 A   12 100 A 65 67.7 A 

P. citrophthora   12 100 A 70 72.9 C   8 66.7 B 27 28.1 C 

P. cryptogea   12 100 A 78 81.3 BC   7 58.3 BC 25 26.0 C 

P. nicotianae   12 100 A 83 86.5 AB   6 50.0 C 21 21.9 C 

P. palmivora   12 100 A 87 90.6 AB   12 100 A 49 51.0 B 

Plant Only  0 0.0 B 0 0.0 D  0 0.0 D 0 0.0 D 

1-Way ANOVA  P  < 0.0001 P = 0.0003  P < 0.0001 P = 0.0001 

a Isolation from 12 plants; six plants for each species of Phytophthora were used in each of the independent experiments.  

b Isolation from 96 root pieces.  Each of the 12 plants had eight root pieces, for a total of 96 pieces. 

c Means followed by the same letter are not significantly different; found with a least square mean comparison (α=0.05) 
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Table 2-9.  Difference in the relative growth rate (mean percent ± standard deviation) 

of C. ×generalis ‘Carolina Pink’ derived from change in mass (g), shoot height (cm), and 

root length (cm) from trial initiation to harvest (32 days).  

Treatment Mass Shoot Root 
Plant Only 36% ± 15% 60% ± 4% 74% ± 1% 
P. cinnamomi 40% ± 11% 53% ± 11% 67% ± 6% 
P. citrophthora 40% ± 8% 34% ± 27% 58% ± 17% 
P. cryptogea 46% ± 7% 45% ± 18% 64% ± 9% 
P. nicotianae 45% ± 11% 45% ± 15% 66% ± 8% 
P. palmivora 44% ± 7% 52% ± 13% 70% ± 6% 
       
1-way ANOVA F value P > F F value P > F F value P > F 
Main effect 0.688 0.636 1.35 0.271 1.54 0.208 
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Table 2-10.  Number and percentage of C. ×generalis ‘Bird of Paradise’ plants infested and infected by each of five species 

of Phytophthora after 28 days in a greenhouse 

    Infested  Infected 

    Plants a Root Pieces b  Plants a Root Pieces b 

 Species of Phytophthora   no. %  no. %b    no. %  no.  %   

P. cinnamomi   10 83.3 Ac 14 14.6 A   3 25.0  5 5.2  

P. citrophthora   0 0.0 D 0 0.0 C   0 0.0  0 0.0  

P. cryptogea   3 25.0 BC 3 3.1 BC   3 25.0  3 3.1  

P. nicotianae   2 16.7 CD 4 4.2 BC   1 8.3  1 1.0  

P. palmivora   5 41.7 B 10 10.4 AB   2 16.7  4 4.2  

Plant Only  0 0.0 D 0 0.0 C  0 0.0  0 0.0  

1-Way ANOVA P = 0.0043 P = 0.03  P = 0.333 P = 0.290 

a Isolation from 12 plants; six plants for each species of Phytophthora were used in each of the independent experiments.  

b Isolation from 96 root pieces.  Each of the 12 plants had eight root pieces, for a total of 96 pieces. 

c Means followed by the same letter are not significantly different; found with a least square mean comparison (α=0.05)
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Table 2-11.  Difference in the relative growth rate (mean percent ± standard deviation) 

of C. ×generalis ‘Bird of Paradise’ derived from change in mass (g), shoot height (cm), 

and root length (cm) from trial initiation to harvest (32 days).  

Treatment Mass Shoot Root 
Plant Only 70% ± 7% 15% ± 13% 82% ± 4% 
P. cinnamomi 68% ± 6% 8% ± 7% 76% ± 2% 
P. citrophthora 67% ± 8% 10% ± 5% 79% ± 4% 
P. cryptogea 63% ± 8% 9% ± 15% 79% ± 4% 
P. nicotianae 67% ± 3% 21% ± 11% 78% ± 3% 
P. palmivora 69% ± 6% 20% ± 15% 79% ± 4% 
       
1-way ANOVA F value P > F F value P > F F value P > F 
Main effect 0.970 0.451 1.53 0.210 1.67 0.170 
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Figure 2-1.  Water temperatures (°C) of aqueous solutions in pots with and without 

plants of three types of Canna in a greenhouse over time. Data are means (n = 12) 

from two experiments for each type of plant. 
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Figure 2-2.  Canna flaccida plants: 

colonized from each of five species of 

on the surface of the water in pots with plants (Plant) or without (No Plant) plants.
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plants: mean percentage of the perimeter of leaf baits 

colonized from each of five species of Phytophthora over time. Leaf baits were floated 

on the surface of the water in pots with plants (Plant) or without (No Plant) plants.

 

 

perimeter of leaf baits 

over time. Leaf baits were floated 

on the surface of the water in pots with plants (Plant) or without (No Plant) plants. 



 

Figure 2-3.  C. ×generalis ‘Carolina Pink’

leaf baits colonized from each of five species of 

were floated on the surface of the water in pots with plant

Plant) plants. 
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‘Carolina Pink’ plants: mean percentage of the perimeter of 

leaf baits colonized from each of five species of Phytophthora over time. Leaf baits 

were floated on the surface of the water in pots with plants (Plant) or without (No 

 

plants: mean percentage of the perimeter of 

over time. Leaf baits 

s (Plant) or without (No 



 

Figure 2-4.  C. ×generalis ‘Bird of Paradise’ 

of leaf baits colonized from each of five species of 

were floated on the surface of the 

Plant) plants. 
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‘Bird of Paradise’ plants: mean percentage of the perimeter 

of leaf baits colonized from each of five species of Phytophthora over time. Leaf baits 

were floated on the surface of the water in pots with plants (Plant) or without (No 

 

: mean percentage of the perimeter 

over time. Leaf baits 

water in pots with plants (Plant) or without (No 
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CHAPTER THREE: SUMMARY AND CONCLUDING REMARKS 

 

Summary of Results 

This research evaluated the potential susceptibilities of three aquatic plants of five 

species of Phytophthora (P. cinnamomi, P. citrophthora, P. cryptogea, P. nicotianae, and 

P. palmivora).  The hybrid Canna ×generalis ‘Carolina Pink’ was highly susceptible to all 

five species of Phytophthora evaluated, with high rates of infestation and infection of 

roots. Canna flaccida and C. ×generalis ‘Bird of Paradise’, were much less susceptible 

than Carolina Pink plants.  In all ‘plant + Phytophthora’ treatment set, the colonization of 

leaf baits was lower than in ‘Phytophthora only’ treatment set, which suggests that the 

presence of plants had a negative effect on zoospore activity or colonization.  This 

decrease was greatest in experiments with Bird of Paradise plants and nonexistent for 

Carolina Pink plants. 

 

Wetland plants that are minimally susceptible to species of Phytophthora should be 

considered for use in constructed wetlands that treat runoff water from ornamental 

production facilities.  Plants will be able to filter and clean runoff water and absorb 

excess nutrients without succumbing to infection by species of Phytophthora or 

providing additional inoculum.  Furthermore, the ability of some plants to inhibit 

zoospore activity may reduce the density of naturally-occurring zoospores in runoff 
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water.  This, in turn, may allow nurseries to recycle irrigation runoff with reduced risks 

of pathogen presence. 

 

Suggestions for Future Research 

Species and hybrids of Canna vary in susceptibility to species of Phytophthora and some 

negatively impact zoospore activity.  Additional research with other cultivars of Canna 

×generalis (such as ‘Red King Humbert’ and ‘Yellow King Humbert’) and species of Canna 

(such as C. indica) could be beneficial.  All are wetland plants found commonly in the 

ornamental trade and could be an asset to designed vegetation-based treatment 

systems, such as vegetative buffers and constructed wetlands.  While this research 

showed that Carolina Pink plants were a susceptible hybrid, its relative, Bird of Paradise 

plants, did extremely well at resisting zoospore infestation, infection, and overall activity 

by zoospores of five species of Phytophthora.  Other hybrids may do just as well or even 

better than Bird of Paradise plants.  Other species of Canna may perform just as well, 

and may be natives already found in wetlands.  The more evaluations done with Canna 

species and hybrids, the more options growers may have for tailoring treatment system 

planting strategies to manage pathogen contaminants.  In order to tailor treatments, 

assays could be conducted to isolate species of Phytophthora found in nurseries. 

 

Another experiment that would be useful is determining which plant species become 

host plants for Phytophthora after the plant’s initial exposure.  An experiment 
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evaluating this issue could be conducted once the plants have been exposed to one 

Phytophthora species for 28 days.  Following this continuous exposure, plants could be 

placed in disinfected aquatic pots filled with water and amended with fertilizer.  Plants 

would then be monitored for an additional two to four weeks, without adding any 

additional agar plugs filled with zoospores.  Prior to placing the plants in the new 

aquatic pots, the root samples would be collected and plated to determine which plants 

are infested, which are infected, and which are free from Phytophthora.  This 

supplementary study would definitely show if infested, infected, or “clean” plants have 

the ability to release additional zoospores into clean water – and thus potentially serve 

as an inoculum source, reinfesting production runoff. 


